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ABSTRACT 
 
 
 
 The adsorption of human serum albumin (HSA) to sodium silicate, soda lime 

silicate (SLS), and sodium aluminosilicate (SAS) glass microspheres was investigated 

using sodiumdodecylsulfate-polyacrylamide gel electrophoresis (SDS-PAGE) in 

conjunction with a colloidal silver stain for visualization.  The 30 Na2O·70 SiO2 

composition could not be evaluated due to an apparent chemical interference that 

occurred during silver staining.  This inhibitory effect was attributed to the extensive 

corrosion that occurred during the protein elution and caused an elevation in the pH of 

the solution.  The remaining glass compositions were sufficiently durable for further 

study. 

 The HSA adsorption capacity of SLS glass microspheres containing 70 and 80 

mol% SiO2 increased as CaO was substituted for Na2O.  An abrupt decrease in the HSA 

adsorption capacity was observed for SLS glasses containing 60 mol% SiO2.  A similar 

trend was observed for the SAS glass microspheres, although the SAS glasses adsorbed 

less HSA than the SLS glasses containing equivalent molar percentages of SiO2.  The 

initial increase in HSA adsorption capacity for SLS and SAS glasses containing 70 and 

80 mol% SiO2 was attributed to the introduction of positive charges into the glass 

surfaces via Ca2+ and Al3+ cations.  The decrease in HSA adsorption capacity for SLS and 

SAS glasses containing 60 mol% SiO2 may be due to an enhanced affinity between the 

glasses and HSA, resulting in a “flattened” conformation that limits the total accessible 

area for adsorption. 
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Chapter 1:  Introduction 
 
 
 
"Then I asked: does a firm perswasion that a thing is so, make it so?" 
 
- William Blake, The Marriage of Heaven and Hell 
 
 
 
 The adsorption of proteins at interfaces is a phenomenon of immense practical 

importance in a diverse range of fields including food processing and preparation,1,2 

biomaterials engineering,3-5 art preservation,6 and molecular biology.7,8  Any time that a 

complex macromolecule such as a protein enters the interfacial region between two 

phases, it has the ability to significantly alter the local properties within that zone.  

Protein adsorption is ubiquitous and may occur at liquid-liquid (e.g., oil-water 

emulsions),9 liquid-vapor (e.g., protein foams),10 and liquid-solid interfaces. 

Figure 1.1 is a simple cartoon illustrating several important steps that may occur 

during the protein adsorption process.  In the first phase of adsorption, the protein must 

diffuse towards the surface.  Proteins generally have translational diffusion coefficients 

on the order of 10-10-10-11 m2·s-1 (the self-diffusivity of water is approximately 2×10-9 

m2·s-1), and so the initial approach of proteins to a surface can happen rather quickly.11  

Once the protein is within the vicinity of the surface, non-covalent interactions such as 

dispersive, electrostatic, and electron-donor and -acceptor forces may begin to develop.  

However, the intervening liquid medium is  also important.  A highly structured layer of 

water molecules can surround both the protein and the adsorbate surface.  These 

structured layers can potentially alter the protein-adsorbate interaction by generating 

repulsive "hydration pressures".  Finally, once the protein has adsorbed to the surface, it 

may begin to undergo structural rearrangements, depending upon the relative stability of 

the protein and the affinity between the protein and the adsorbent surface.  The extent of 

such conformational rearrangements can alter, reduce, or entirely eliminate the original 

function of the adsorbing biomolecule. 
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Figure 1.1.  Illustration of the processes that may occur during the protein adsorption 

process (P = protein, L = liquid, S = solid). 

 

 Given the relative complexity of the problem, the first approach that is most often 

employed when considering protein adsorption processes is based on thermodynamic 

arguments.  The adsorption of a protein at the solid-liquid interface is a spontaneous 

process, which leads to the general statement that the change in Gibbs free energy for the 

process, ∆Gads, must therefore be negative.  This may be formally stated as 

 

  ∆Gads = ∆Hads − T∆Sads < 0      (1.1) 

 

where T is temperature and ∆Hads and ∆Sads are the changes in the enthalpy and entropy 

upon adsorption, respectively.  For the quantity ∆Gads to be negative, the following must 

be true 

 

  ∆Hads < T∆Sads        (1.2) 

 

Statements of this kind are purely phenomenological, however.  How might one actually 

evaluate the thermodynamic parameters that are relevant to protein adsorption? 

 From an experimental standpoint, one of the most basic methods for assessing the 

affinity of a protein for a particular material is the determination of an adsorption 
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isotherm.  The essence of the experiment consists of exposing an adsorbent material to a 

solution containing a known initial concentration of protein.  After some time period, the 

quantity of protein that has adsorbed to the surface is then measured by one of many 

possible techniques (cf. Chapter 2).  This measurement is then repeated for a series of 

solutions containing systematically varied protein concentrations.  An adsorption 

isotherm is then constructed by plotting the amount of protein adsorbed (typically 

normalized to the surface area of the adsorbent material) versus the initial concentration 

of the corresponding solution.  A typical protein adsorption isotherm consists of two 

regions, as shown in Figure 1.2.  Region I exhibits a linear increase in the adsorbed 

amount of protein with increasing initial concentration.  Eventually, this trend reaches a 

plateau in Region II, indicating that the surface of the adsorbent material has become 

saturated with protein.  It is common to model this type of plot using the Langmuir 

adsorption isotherm,12 which may be written 

 

  KeqC =
θ

1 − θ
       (1.3) 

 

where Keq is the equilibrium constant for the adsorption process, C is the concentration of 

protein in solution, and θ is the fractional surface coverage of protein.  A value for ∆Gads 

may then be calculated by using the expression  

 

∆Gads = −RT ln Keq       (1.4) 

 

where R is the gas constant.  However, it is very important to stress that the Langmuir 

model, originally developed to describe the interactions between adsorbing inert gas 

molecules and a surface, makes several very limiting assumptions.13  The Langmuir 

model considers the adsorption of a single type of molecule to a single type of site on an 

adsorbate surface.  This excludes the treatment of adsorption from multi-protein solutions 

and adsorption to materials with heterogeneous surface chemistry, both of which are 

common.  Furthermore, the Langmuir model assumes that a molecule will only interact 

with a single site on the surface.  The size of an average protein is much larger than a gas 
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molecule, however, and it is unreasonable to assume that an adsorbed protein will always 

interact via a single site.  The Langmuir model also assumes that the heat of adsorption is 

independent of  θ.  This statement implies that no lateral interactions exist between the 

adsorbing species – another assumption that is not necessarily correct for adsorbed 

proteins, particularly at high surface coverage.  Finally, the adsorption process is 

considered to be fully reversible under the Langmuir model.  Norde et al.14 and Docoslis 

et al.15 have definitively proven that protein adsorption is not reversible according to 

conditions outlined by Prigogine and Defay for a system that has gone from State 1 to 

State 2: (1) all of the state variables of a system in State 2 must return to the original 

conditions of State 1 and (2) the exchange of heat, matter, and work between the system 

and its surroundings must be of equal magnitude and opposite sign.  In addition, the 

transition from State 2 to State 1 must happen along the same pathway that occurred in 

going from State 1 to State 2.16  Consequently, even though Equation 1.5 may give a 

perfectly adequate mathematical fit to experimental adsorption isotherm data, any attempt 

to extract meaningful parameters from the model should immediately be questioned.   

Numerous authors continue to use this approach in spite of the obvious shortcomings.  
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Figure 1.2.  A typical protein adsorption isotherm.  The dotted line indicates the transition 
between Region I and Region II. 
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Norde and co-workers have suggested that the only truly measurable 

thermodynamic parameters associated with protein adsorption are ∆Hads and ∆Cp,ads, the 

heat capacity change upon adsorption.17  Based on studies employing microcalorimetry 

techniques, they have concluded that an increase in the entropy of the system is the 

primary motivating factor that drives the adsorption process.18  The contributions to 

entropy can come from two major sources.   

The first source of entropy gain is conformational rearrangements in protein 

structure that can occur upon adsorption.19  When a protein has adsorbed to a surface, it 

may undergo unfolding transitions without exposing hydrophobic amino acids to an 

aqueous environment, a process that would be unfavorable in its native state.  As the 

adsorbed protein unfolds, ordered secondary structural elements such as α-helices and β-

sheets may be lost, as confirmed by circular dichroism spectroscopy studies by various 

groups.  This loss of ordered structure can contribute to a gain in entropy. 

A second contributing factor to entropic gain is the dehydration of hydrophobic 

patches on the surfaces of the protein and the adsorbate material.  Even though the core 

of a protein is largely composed of hydrophobic amino acid residues, its periphery also 

contains hydrophobic patches.  When the protein is in solution, water molecules can 

become heavily self-associated around such non-polar regions.  By placing these 

hydrophobic patches at the solid-liquid interface, an adsorbed protein can eliminate or 

reduce its exposure to an aqueous environment, thereby reducing the self-associating 

tendency of water and increasing the entropy of the system.  Latour and Hench explored 

this concept using semi-empirical quantum mechanical (SEQM) simulations of the 

interaction between single amino acids and alkanethiol self-assembled monolayer (SAM) 

surfaces of varied chemistry.20  The computational demands of performing SEQM 

simulations limited the number of atoms that could be included in the model, hence the 

reason for studying single amino acids as opposed to entire proteins.  The entropic 

component of adsorption due to water restructuring was estimated by accounting for the 

change in the solvent-accessible surface of the residue.  In the case of alanine interacting 

with a methyl-terminated SAM surface, a strong attractive force was calculated on the 

basis of the -T∆Sads term, which dominated over the positive enthalpic term. This 
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observation was explained by the methyl species which serves as the functional group of 

alanine.  The hydrophobicity of both the methyl-terminated SAM surface and alanine 

promoted the expulsion of water from the interface and resulted in strong tendency to 

adsorb.  The dehydration effect tends to be reduced for hydrophilic surfaces or proteins, 

however.   

 An alternate formulation of ∆Gads considers the  individual contributions of the 

various bonding mechanisms.  Using the approach of van Oss,21 this summation is 

expressed as 

 

  ∆Gads = ∆Gads
LW + ∆Gads

EL + ∆Gads
AB      (1.5) 

 

where ∆Gads
LW ,  ∆Gads

EL ,  and ∆Gads
AB  are the changes in free energy associated with the Lifshitz-

van der Waals, electrostatic, and acid-base interactions, respectively, that occur during 

adsorption.   

 The Lifshitz-van der Waals interactions are actually comprised of three forces:  

London dispersive forces (induced dipole-induced dipole), Debye induction forces 

(dipole-induced dipole), and Keesom orientation forces (dipole-dipole).  All three forces 

are non-covalent and non-Coulombic in nature.  Hydrogen bonding, an important element 

of protein structure and protein adsorption, falls within the category of Lifshitz-van der 

Waals forces.  The free energy change associated with the nonpolar interaction between 

two substances can be expressed in terms of surface tension components as 

 

  ∆G12
LW = −2 γ 1

LW γ 2
LW( )

1
2       (1.6) 

 

where  γ 1
LW  and γ 2

LW  are the nonpolar components of the surface tensions of substance 1 

and substance 2. 

 Electrostatic contributions to adsorption are a result of the attractive or repulsive 

forces that develop between electrical charges of opposite or equal sign, respectively.  

For example, in the cases of protein and oxide surfaces, one way in which electrical 

charges can develop is by hydrogen association/dissociation reactions of the form 
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  S-OH → S-O- + H+      (1.7) 

and 

  S-OH + H+ → S-OH2
      (1.8) 

 

where S is a generic site on the surface and OH is simply a bonded hydroxyl group.  The 

presence of such charges at the surface then gives rise to an electrical potential.  The 

electrostatic contribution to the change in free energy that occurs during the interaction of 

a sphere of radius R and a flat plate is given by 

 

  ∆GEL = Rψ0
2ε ln 1 + exp −κd( )[ ]     (1.9) 

 

where ε is the dielectric constant of the liquid medium, 1/κ is the Debye length, and ψ0 is 

the electric potential at the solid-liquid interface.  Since the ψ0-potential cannot be 

determined directly by experiment, an electrokinetic measurement of the zeta potential, ζ, 

can be used, with the formula 

 

  ψ 0 = ζ 1 +
z
R

 
 
 

 
 
 exp κz( )      (1.10) 

 

where z is the distance from the particle surface to the slipping plane.  However, Norde 

has noted that protein adsorption can still occur even under conditions in which strong 

electrostatic repulsion should exist.22  This observation has been attributed to  the 

overwhelming influence of hydrophobic forces which are associated with nonpolar 

groups and hydrogen bonding. 

 The behavior that is attributed to hydrophobic ("water hating") or hydrophilic 

("water loving") forces is actually due to the interactions between nonpolar or polar 

groups and water, which itself is an example of a polar molecule (i.e., it possesses an 

intrinsic dipole).  The polar molecule or group may be classified as having both acidic 

(electron-acceptor) and basic (electron-donor) components.  These electron-donor and -

acceptor components can then be expressed in terms of their contribution to the surface 
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tension of the substance.  Thus, the acid-base component of the free energy change 

between species 1 and 2 may be expressed as 

 

∆G12
AB = −2 γ 1

+γ 2
−( )

1
2 + γ 2

+ γ1
−( )

1
2

 

 
 
 

 

 
 
 
        (1.11) 

 

where γ 1
+  and γ 1

−  are the acid and base contributions to the surface tension of component 

1 and γ 2
+  and γ 2

−  are the acid and base contributions to the surface tension of component 

2.  One practical outcome of the existence of such acid-base forces is the strong 

orientation of water molecules around hydrophilic surfaces, which can result in 

significant "hydration pressures".  Thus, when two hydrophilic species approach one 

another, a hydrophilic repulsion can develop due to their mutual fixation of water. 

 Each interaction mechanism discussed above operates over a corresponding 

length.  Table 1.1 lists the free energy expressions as a function of distance, d, for a 

geometrical configuration consisting of a sphere of radius R and a plate.  As a first 

approximation, this is a reasonable model for the interaction between a protein molecule 

and a large surface.  Depending upon the relative contributions of these three interactions, 

a complex energy-distance relationship may develop in which multiple minima/maxima 

are present. 

 

 

Table 1.1.  Free Energy Functions for Sphere and Plate Geometry21 

 

Energy of Interaction Expression as a Function of Distance 

∆GLW  − AR / 6d  

∆GEL  εRψ0
2 ln 1+ exp −κd( )[ ] 

∆GAB  2πRλ∆Gd0

AB exp d0 − d( )/ λ[ ] 
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 As stated previously, proteins are capable of reaching surfaces at extremely rapid 

rates, as demonstrated by ellipsometry studies of the deposition of films to surfaces from 

solutions containing a single type of protein.  However, solutions that contain multiple 

proteins exhibit very interesting phenomena as well.  Vroman and Adams noted that 

fibrinogen that had adsorbed to various materials from human plasma quickly became 

undetectable by immunological means.23  Initially, they interpreted this observation as 

evidence that fibrinogen had undergone structural rearrangement upon adsorption.  This 

rearrangement prevented subsequent binding between the protein and its corresponding 

antibody which, in this case, was being used as a probe molecule.  Further studies 

involving radiolabeling later revealed that the fibrinogen molecule was actually displaced 

from the surface over time by other adsorbing proteins.  This transient adsorption 

phenomenon eventually became known as the "Vroman effect". 

Another important factor associated with the liquid medium is whether adsorption 

occurs under static or flowing conditions.  Wojciechowski and Brash conducted 

experiments with diluted plasma solutions under laminar tube flow conditions and 

observed protein deposition patterns that were similar to a static environment.24  The flow 

patterns realized under such conditions are very simple, however, and have limited 

applicability to more realistic situations.  Vroman and Leonard investigated patterns of 

protein adsorption in a flow-cell specifically designed to create regions of "separated 

flow" in which isolated pockets of swirling fluid would form.25  Interestingly, it was 

observed that the kinetics of protein adsorption to surfaces that were adjacent to regions 

of separated flow were greatly hindered.  The proteins that eventually did deposit in these 

areas could only reach the vessel walls by diffusing through the interface that was created 

between the regions of separated flow and main flow. 
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Figure 1.3.  Schematic diagram of fluid flow pattern that can influence the protein 
deposition process. 
 

 

 

For the purposes of this thesis, two forces are of primary interest: electrostatic and 

hydrogen bonding.26  The electrostatic interactions may occur between charged groups on 

the protein surface (e.g., NH3+ and COO-) and the glass surface (e.g., SiO- and SiOH2+).  

These electrical charges develop because of hydrogen association/dissociation reactions 

that occur between the protein and/or glass and the surrounding aqueous medium.27-29  

Hydrogen bonding can arise due to the presence of hydroxyl species such as silanol 

groups at the glass surface. 

Numerous researchers have examined the interaction between one or more 

proteins and a glass surface.  However, such work is typically concerned with either 

amorphous silica (often in colloidal form) or complex, multi-component commercial 

glasses.  No published studies regarding protein adsorption to  simple multi-component 

glasses  have been published to this author's knowledge.  As a result, the adsorption of a 

model protein, human serum albumin, to three-component soda lime silicate and sodium 

aluminosilicate glasses has been investigated in the hope of identifying the influence of 

glass composition on protein adsorption behavior. 

In summary, numerous factors control the interactions between a protein and a 

surface.  Electrostatic, Lifshitz-van der Waals, and polar mechanisms may all contribute 
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to the protein adsorption process.  Systems variables such as pH, temperature, and ionic 

strength modulate the strength and character of these non-covalent interactions.  

However, it is important to note that even when the sum of these contributions predict 

conditions that do not favor adsorption, flexible proteins often still manage to find a route 

to the interface.  This ability to bind to surfaces is driven by entropic forces that stem 

from distortions in the polypeptide chain and the restructuring of water at the solid-liquid 

interface. 
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Chapter 2: Techniques for Characterizing the 
Adsorption of Proteins at Solid-Liquid Interfaces 
 
 
 
"..., there are no innocent readers anymore.  Each overlays the text with his own perverse 
view.  A reader is the total of all he's read, ... To the information supplied by the author 
he'll always add his own.  And that's where the danger lies: an excess of references..." 
 
- Arturo Pérez-Reverte, The Club Dumas 
 
 
 
INTRODUCTION 
 

 

 In a typical protein adsorption experiment, the adsorbent material is exposed to a 

protein-containing solution for a specified period of time.  The test is terminated by 

decanting, rinsing, dilution, filtration or a combination thereof.  At this point, the 

experimenter must choose some tool to study the extent of protein adsorption.  The 

techniques used to investigate protein adsorption can be broadly categorized on the basis 

of whether the depletion or the accretion of proteins is being studied. 

A depletion-based measurement is conceptually very simple. Following 

incubation, a sample of the protein-containing solution is taken and analyzed for residual 

protein content.  The starting protein concentration of the incubation solution is generally 

known, and so the amount of adsorbed protein is determined by simply subtracting the 

final concentration from the initial concentration. 

The goal of a protein accretion measurement is to study the protein which adsorbs 

at the surface of the solid adsorbent phase.  This can be accomplished in two ways.  The 

first, an ex situ approach, involves the extraction of adsorbed proteins from the adsorbent 

surface; typically back into a liquid phase.  The sample is then analyzed for protein 

content to determine the extent of protein adsorption.  The second, an in situ approach, 

seeks to directly study protein while still in the adsorbed state.  It is often difficult, if not 

impossible, to quantitatively determine the amount of protein that has adsorbed with an in 
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situ accretion measurement.  The true strength of such techniques lies in their ability to 

assess the character of the adsorbed protein.  This includes factors such as conformation, 

orientation, and the strength of binding. 

The aim of this chapter is to provide a partial review of the characterization tools 

that may be employed to investigate both the extent and/or character of protein 

adsorption to solid surfaces.  The basic working mechanism of the method will be 

discussed as well as the type and quality of information that it is obtained.  In addition, 

any advantages or disadvantages of the technique will be highlighted.  Note that it is not 

the intent to discus those methods that are used to interrogate the underlying properties of 

the adsorbent material.  While such techniques can certainly lead to a deeper 

understanding of why a protein may adsorb in a specific fashion, they do not actually 

characterize the adsorbed proteins. 

 

 

UV ABSORPTION SPECTROSCOPY 
 

 

The aromatic side chains phenylalanine (Phe), tryptophan (Trp), and tyrosine 

(Tyr) provide a means for measuring protein concentration in solution using optical 

spectroscopy.  Specifically, the delocalized π electrons within the cyclic hydrocarbon 

group (refer to Figure 2.1) readily couple with incident light in the near-UV region of the 

spectrum to produce optical absorption bands that are distinctive to each of the three 

functional groups.  The relevant optical properties for the aromatic pendant groups, given 

in Table 2.1, show that the molar absorption coefficient for Phe is relatively low in 

comparison to Tyr and Trp.  As a result, the absorption band arising from Phe is not 

generally monitored for quantitative analysis. 

 The basic principle behind this analytical technique is the Beer-Lambert Law, 

which is given by 

 

   A = εCl        (2.1) 
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where A is the absorbance, ε is the molar absorbance, C is the concentration of the 

absorbing species, and l is the optical pathlength of the sample.  Provided that the molar 

absorbance for a particular protein is known, then the determination of concentration is a 

relatively straightforward task.  The sample is placed into a cuvette (preferably fused 

silica, owing to its high transmission in the UV region) of pathlength l and its absorbance 

is measured on a spectrometer.   The resulting value of C calculated from Equation 2.1 is 

then given in units of molarity. 

 An earlier method for using UV to measure protein concentrations was proposed 

by Warburg and Christian.1  A mathematical algorithm was established to determine the 

protein content of crude cell extracts.  The Warburg-Christian formula is 

 

C = 1.55A280 − 0.76A260        (2.2) 

 

where A280 and A260 are the optical absorption values at 280 nm and 260 nm, respectively.  

This particular expression was expressly solved for determination of the protein enolase, 

and so caution must be used when applying Equation 2.2 to other systems.  If appropriate 

standards are available, a generic expression of the form 

 

C = F1 A280 − A320( )− F2 A280 − A320( )     (2.3) 

 

may be used, where F1 and F2 are empirical factors that are determined by solving  

simultaneous equations generated from the UV absorption spectra of the calibration 

standards.  The parameter A320 is the optical absorption at 320 nm and is included in 

Equation 2.3 as a correction factor to account for background absorption.2 

 Finally, the peptide absorption band  located at 205 nm in the far-UV region of 

the spectrum may be used as an alternate method for measuring protein concentration in 

solution, as suggested by Scopes.3,4  The extinction coefficients for 1 mg·mL-1 of protein 

at 205 nm, E205, can be predicted by using the formula 

 

E205 = 27.0 +120 A280

A205

 

 
  

 

 
        (2.4) 
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where A205 is the optical absorbance at 205 nm.  The absorbance at 280 nm is included as 

a correction factor to account for the tyrosine and tryptophan content of the protein.  One 

advantage of the Scopes method is that far less reliance is placed on the specific amino 

acid composition of the protein, since the absorption of a ubiquitous peptide group is 

being measured. 

 Experiments that utilize the measurement of UV optical density to characterize 

protein adsorption often take two forms.  In the first approach, solid adsorbent is placed 

into a vessel containing a protein solution of known concentration.  After a given time, an 

aliquot of the solution is then removed for analysis.  The characteristics of the adsorbent 

can make sample acquisition problematic, particularly in the case of colloidal materials 

that must be separated from the supernatant solution.  Centrifugation is often used to 

accomplish this separation, but in doing so, protein that is loosely bound may be sheared 

off the adsorbent surface and go back into solution.  A second in situ style experiment 

may be conducted directly within the spectrometer by using a cuvette as the container.  

Once again, colloidal materials introduce an additional complication, since a barrier must 

be used to partition the adsorbent from that region of cuvette that will be scanned by the 

spectrometer.  Regardless of whether an ex situ or an in situ technique is used, an 

assumption is made that the sample represents an average value of the unadsorbed protein 

concentration.  Protein adsorption to the walls of the cuvette can also introduce potential 

errors, particularly if multiple measurements are performed using the same cuvette.  Care 

must be taken to adequately rinse the cuvette and remove protein deposits. 

 As a final caveat, the UV optical density method requires that the protein being 

measured contains a sufficient quantity of aromatic residues to absorb UV light.  If the 

number of aromatic groups possessed by a given protein is minimal, only relatively high 

concentrations can be reliably measured.  Alternately, the optical pathlength of the 

sample can be increased to enhance absorption. 
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Figure 2.1.  Schematic diagram of a cyclic hydrocarbon ring.  The delocalized π electrons 
(designated by the dashed circle) can couple to incident light to produced distinctive 
absorption bands in the UV region. 
 

 

 

Table 2.1.  Optical Properties of Selected Amino Acids5 

 

 
Amino Acid 

Absorption 
Maximum (nm) 

Absorbance 
(M-1·cm-1) 

Fluorescence 
Emission (nm) 

Quantum 
Yield 

Phenylalanine 257.4 197 282 0.04 

Tryptophan 274.6 1420 303 0.21 

Tyrosine 279.8 5600 348 0.20 
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COLORIMETRIC ASSAYS 
 

 

 Within the context of characterizing protein adsorption to solid surfaces, the 

application of colorimetry is much the same as that described in the previous section on 

UV techniques.  Specifically, the analysis is conducted by characterizing the depletion of 

protein from solution.  The major advantage of the colorimetric assays is that they are 

typically more sensitive than UV absorption, in part because the extinction coefficients of 

the conjugating dyes are higher than the UV chromophores.  Table 2.2 lists the major 

colorimetric assays that may be used to determine the concentration of proteins in 

solution.  Many of these assays are readily available as commercial kits, although caution 

must be taken when constructing calibration curves.  Many packages will include the 

protein bovine serum albumin (BSA) to prepare calibration standards, but not all proteins 

will react to produce chromophores to the same extent.  Ideally, calibration curves are 

constructed using the same protein that one intends to later analyze. 

 

 

 

 

Table 2.2.  Colorimetric Assays for Protein Determination3 

 

Assay Title Absorption Maximum (nm) Sensitivity Range (mg/mL) 

Bicinchoninic Acid 6,7 562 0.005-0.05 

Coomassie Blue 8-10 595 0.01-0.05 

Lowry 11 750 0.05-0.50 

Biuret 12 310, 540 0.05-5 
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CIRCULAR DICHROISM SPECTROSCOPY 
 

 

 The process of determining the absolute amount of protein left in solution or 

adsorbed to a surface is relatively straightforward.  The task of determining the impact of 

the adsorption process on a protein is more problematic, however.  In particular, the 

conformational changes that occur upon adsorption are of interest, but there are very few 

methods of structural determination that can directly probe proteins in this state.  One 

such method is known as circular dichroism (CD) spectroscopy. 

 The fundamental basis of CD spectroscopy relies on the anisotropic optical 

properties of the secondary structural elements that are found within in a protein.  These 

basic structural elements include the α-helix, the β-sheet, the β-turn, and the random coil.  

Specifically, each one of these secondary structural types exhibit signature differences in 

their absorption of left-handed versus right-handed circularly polarized light. 

 CD spectroscopy is typically employed to measure the secondary structure of a 

protein in solution, and while it is certainly useful to realize the structure of a protein in a 

native environment, the true power of the technique lies in its ability to follow the effect 

of perturbations.  These external agents may take on a variety of forms, including thermal 

energy, chemical denaturants, electrolytes, and molecular ligands.  Similarly, the 

introduction of a sorbent material is a type of perturbation, and the conformational 

disruptions that may accompany the adsorption process can be tracked using CD 

spectroscopy.  The most common sorbent used for such studies is colloidal silica 

particles,13-18 although other materials such as alumina-capped Ludox and Teflon have 

been employed.19,20  As an illustrative example, Figure 2.2 shows the CD spectra of BSA 

before and after  adsorption to 15 nm colloidal silica.  The CD spectrum of the adsorbed 

protein shows a significant reduction in the magnitude of the 208 nm band and indicates a 

reduction in the α-helical content of adsorbed BSA. 

 In practice, there are several limitations that CD spectroscopy imposes on those 

attempting to investigate adsorbed proteins.  First, only the secondary structure of the 

protein is being measured.  No information on the tertiary or quaternary structure of the 

protein is accessible, and so it is therefore fully possible that an adsorbed protein could 
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undergo conformational changes that are not significantly detectable using CD 

spectroscopy.  Second, the method is typically restricted to studying proteins that have 

attached to the surfaces of colloid-sized materials (tens of nanometers) because the 

particles will readily stay in suspension.  In addition, the small size of the particles helps 

to minimize scattering of the incident light.  Vermeer and Norde noted, however, that as 

the dimensions of such nanoparticles approach the size of proteins, the phenomenon 

under investigation is no longer true adsorption, but a form of "heterocoagulation" in 

which the surface curvature of the sorbent material no longer plays a negligible role.21  

The investigators therefore constructed a cell that was capable of holding up to five plates 

simultaneously.  Mouse immunoglobulin G (IgG) was then adsorbed onto five 0.3 mm 

quartz plates, which were inserted into the cell.  Using this design, it was demonstrated 

that the CD spectra of proteins adsorbed to flat surfaces could be reliably measured down 

to a wavelength of 200 nm.  As a further test, the investigators also deposited 350 nm 

thick Teflon films onto quartz plates via spin-coating and then allowed IgG to adsorb to 

the coated surface.  Reasonably good transmission measurements could be obtained out 

to 210 nm.  Another notable example (performed almost thirty years earlier) is a study by 

McMillin and Walton in which the CD spectra of two blood-borne proteins, fibrinogen 

and Hageman factor, were acquired after adsorption onto 1 mm thick quartz discs.22  

These experiments were only possible on account of the far-UV transmission properties 

of the relatively thin quartz elements, however.  By extension then, it should be possible 

to conduct similar studies on suitably thin samples of a material with UV transmission 

characteristics equal to or exceeding those of quartz and fused silica. 
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Figure 2.2.  Circular dichroism spectra of bovine serum albumin in a native conformation 
and adsorbed to colloidal silica.  [Reprinted from the Journal of Colloid and Interface Science, Vol 
143, A. Kondo et al., "Structural Changes in Protein Molecules Adsorbed on Ultrafine Silica Particles,” pp. 
214-221, Copyright (1991), with permission from Elsevier Science.] 
 

 

RADIOLABELING 
 

Two types of radioactive isotopes, I125 and C14, have been used for the purpose of 

radioactively tagging proteins.23-25  The tags emit γ-ray radiation that may be monitored 

using a scintillation detector.  Any given type of protein will be tagged to a different 

extent, however, and so a calibration curve is required to perform quantitative 

measurements.  In addition, residual isotope that did not bind must be separated from the 

protein, generally by a chromatographic method, to avoid an overestimation of protein 

content. 

 The most basic experiment is a simple depletion measurement, in which the 

radiation emitted by the residual protein in solution is measured after exposure to the 

adsorbent material.  Another application of the radiolabeling technique is in dynamic 
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studies where a starting solution containing a known amount of radiolabeled protein is 

pumped into a flow cell containing a sample material.  Radiolabeled proteins which do 

not attach to the sample adsorbent exit the cell and flow past a scintillation counter so that 

emitted radiation can be measured in real-time. 

 While the technique is seemingly straightforward, there are several points worth 

considering.  First, the method deals with the handling (and eventual disposal) of 

radioactive material.  The effort that necessarily accompanies such complications may 

not be justified in light of the type of information that is obtained.  Second, there is a 

possibility that the attachment of the radioactive tracer may alter the structure of the 

protein, which in turn can impact its adsorption behavior.26 This undesirable 

conformational distortion of the protein does not occur in every instance, however. 

Studies have shown that the fibrinogen protein, a major component of the blood clotting 

mechanism, may be tagged with the I125 isotope with minimal or no effect, for example.  

Despite these possible drawbacks, the radiolabeling technique is a viable alternative when 

optical spectroscopy is not an option (e.g., when the protein concentration is below the 

minimum detection level) or when the experimenter wishes to isolate and follow the 

progress of a specific protein within a millieu of species.  Radiolabeling has also 

successfully been used to lend supporting evidence to the results obtained from  a novel 

or unproven technique. 

 

 

CALORIMETRY 
 

Differential Scanning Calorimetry 

 

 The use of differential scanning calorimetry (DSC) is a well-established technique 

that is capable of obtaining a wealth of information about proteins, including 

folding/unfolding behavior and stability.  In regards to the investigation of adsorbed 

proteins, DSC may be used to probe induced conformational changes by performing 

comparative measurements between the thermogram for a native protein in solution and 

the thermogram of an adsorbed protein, such as those shown in Figure 2.3.  Proteins in a 
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native state undergo a series of endothermic transitions upon heating which correspond to 

unfolding processes occurring within the molecule.  Such transitions are detectable by 

DSC.  If a protein undergoes significant structural disruption during the adsorption 

process, then the endothermic peaks associated with unfolding are altered or entirely 

suppressed due to the interactions between the adsorbed polypeptide chain and the 

adsorbent surface.  

 Steadman et al. investigated the adsorption of seven different proteins on colloidal 

silica using DSC.27  Six of the seven proteins exhibited distinctly different thermograms 

when adsorbed to silica versus being in solution.  The primary observation was a shift of 

the endothermic peak to lower temperatures, suggesting that the adsorbed protein had 

become less stable.  Vermeer et al. studied the adsorption of IgG, a monoclonal antibody, 

onto the surface of Teflon particles.20  DSC analysis revealed the presence of two 

endothermic peaks located at 61°C and 71°C, regardless of the amount of protein that had 

adsorbed.  As the percentage of adsorbed IgG increased, however, it was found that the 

magnitude of the 61°C peak diminished.  The authors suggested that this specific 

destabilization of the IgG molecule could be attributed to the Fab segment of the antibody 

structure.  

DSC is quite useful for studying protein adsorption from a qualitative sense, but 

no information can be gained on the actual extent of adsorption.  Also, the samples used 

as adsorbent materials are generally colloidal in nature, although macroscopic samples 

should theoretically be feasible provided that the amount of adsorbed protein is great 

enough to generate a sufficiently strong signal. 

 

Isothermal Titration Calorimetry 

 

 The word titration typically invokes an image of using a pH electrode or 

colorimetric indicator to follow the consumption of an analyte in solution by a titrant.  In 

general, the ultimate goal of such titrations is to determine the equivalence point: the 

point at which the amounts of analyte and titrant in solution are equal. There are in fact 

other methods for monitoring the progress of such titration procedures, including the 

measurement of absorbed or evolved heat or progressive changes in temperature.  The 
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adsorption of proteins onto solid surfaces is one such process that results in heat transfer 

between the interfacial adsorption zone and the surrounding environment.  It is therefore 

possible to follow the extent of adsorption by "titrating" a solid surface with a 

macromolecule of choice and measuring the flow of heat.  If such a measurement is 

conducted at a constant temperature, as is usually the case, the technique is termed 

isothermal titration calorimetry (ITC). 
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Figure 2.3.  DSC plots of BSA in solution and adsorbed to colloidal silica.  The 
disappearance of the endothermic unfolding transition of adsorbed BSA indicates 
significant disruption of the proteins structure. [Reprinted from Thermochimica Acta, Vol 382, 
P.B. Welzel, "Investigation of Adsorption-Induced Structural Changes of Proteins at Solid/Liquid 
Interfaces by Differential Scanning Calorimetry,” pp. 175-188, Copyright (2002), with permission from 
Elsevier Science.] 
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 The adsorbent materials studied using ITC are generally in the form of colloidal 

systems that remain dispersed by Brownian motion.  However, ITC systems are generally 

capable of stirring the sample in situ, and so larger particles could conceivably be used.  

In a typical experiment for studying protein adsorption, a sample of the particulate 

suspension is transferred to the calorimetry cell, which should be made of a chemically 

inert material.  Aliquots of a protein-containing solution are then added to the suspension 

and the flow of heat is measured.  Special care should also be taken to match the liquid 

"matrices" that contain the adsorbent and protein in order to minimize or eliminate an 

additional contribution from the heat of mixing. 

The data from such an ITC experiment would yield a thermogram similar to that 

depicted in Figure 2.4, where each peak corresponds to the heat evolved from the system 

upon adsorption.  The first obvious piece of information that can be taken from such an 

experiment is the protein adsorption capacity of the sorbent material, as determined by 

the point at which heat is no longer evolved or absorbed upon further addition of the 

titrant solution.   The enthalpy of adsorption can also be determined by integrating the 

peak areas of the titration thermogram. 

Norde et al. utilized ITC to investigate the adsorption of human serum albumin on 

colloidal forms of hematite and silica.  The enthalpy of adsorption was strongly positive 

for both hematite and silica (200 kJ·mol-1 and 136 kJ·mol-1, respectively).  Since the 

adsorption of protein occurred spontaneously, the Gibbs free energy of adsorption was 

also negative.  Using the relationship 

 

  ∆Gads = ∆Hads − T∆Sads        (2.5) 

 

the authors concluded that the adsorption was strongly driven by large gains in entropy.  

This increase in entropy was thought to arise from two possible sources- the dehydration 

of hydrophobic patches on the protein and rearrangements in the protein structure due to 

the disruption of intramolecular hydrogen bonding.28 
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Figure 2.4. Representative plot of the results obtained from an isothermal titration 
calorimetry experiment. 
 

 

QUARTZ CRYSTAL MICROBALANCE 
 

 

 The amount of protein that binds to a surface in a typical laboratory scale 

adsorption experiment is minute, ranging from nanogram to microgram quantities.  As a 

result, it is not generally feasible to monitor protein adsorption on the basis of a 

gravimetric measurement.  One exception to this restriction is the quartz crystal 

microbalance (QCM), an electroactive device that is capable of detecting nanogram 

levels of adsorbed material.29 

 The basic operation of a QCM relies on the natural piezoelectric properties of the 

quartz crystal.  The application of an alternating electrical field across a single crystal of 

quartz results in an alternating strain field, which in turn gives rise to oscillatory motion 

(a phenomenon that is exploited in many conventional time pieces).  These periodic 

motions are governed by the fundamental frequency, otherwise termed the resonant 
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frequency, of the quartz crystal.  The resonant frequency, f0, of an oscillating crystal is 

described by 

 

  f0 =
µ ρ( )

1
2

2tq
        (2.6) 

 

where µ is the shear modulus (2.947×1011 dyne·cm-2 for the AT-cut of quartz, a form of 

quartz that is obtained by slicing the crystal at ≈35° from the z-axis and is typically used 

for QCM devices), ρ is the density (2.648 g·cm-3), and tq is the thickness of the single 

crystal.  Mass detection relies on the increase in thickness that occurs when material is 

deposited on the surface of the crystal, thereby causing a shift in the resonant frequency, 

∆f.  Sauerbrey30 developed the following mathematical expression to relate the frequency 

change to the deposited mass 

 

  ∆f =
−2 f0

2∆m
A µρ( )1 2         (2.7) 

 

where ∆m is the mass change and A is the area of piezoelectrically active portion of the 

quartz.  Equation 2.7 states that as material accumulates on the oscillator surface, a 

reduction of the resonant frequency should be observed.  The primary assumption of this 

model is that the deposited layer acts as a perfect elastic continuum extending out from 

the quartz surface.  In fact, there are visco-elastic components which can arise due to 

properties inherent to the deposited film or when the measurement is being performed in 

a liquid. 

 The true power of QCM lies in its ability to follow the kinetics of protein 

adsorption and binding over time,29,31,32 since it is relatively simple to construct a device 

that consists of a QCM sealed to a flow cell.  Initially, a buffer solution is pumped 

through the cell and a baseline resonant frequency is determined.  The flow is then 

switched to a solution that contains protein and the resonant frequency shift is monitored 

as a function of time.  Using this information, rate constants for various processes such as 

adsorption and desorption may be calculated.  It is also possible to construct adsorption 
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isotherms by employing a series of static solutions containing systematically varied 

concentrations of protein. 

 The QCM technique does suffer from several limitations, however.  First, there is 

the problem of creating a functional surface to which the protein will adsorb.  A typical 

QCM consists of a quartz single crystal that has been modified by the application of two 

circular gold electrodes, one on either side.  Unless the experimenter is specifically 

interested in studying protein adsorption onto gold, the QCM must be further modified by 

laying a functional coating over the electrode.  Fortunately, there are numerous chemical 

procedures available for preparing covalent linkages between gold and organic 

molecules.  Inorganic coatings may also be applied using a variety of processing 

methods, including vapor deposition and sol-gel techniques. 

 

 

SURFACE PLASMON RESONANCE 
 

 

The existence of surface plasmons has been known for 90 years, 33 but the 

behavior remained a scientific curiosity up until the late 1950's when theoretical 

physicists were able to provide a sufficient explanation of the phenomenon.  The theory 

begins by considering the free electrons of a metal as a high density plasma.  

Perturbations in the electron plasma at the surface of the metal give rise to fluctuations in 

the electronic density which are termed "surface plasmons".  Surface plasmon resonance 

(SPR) can then occur by either direct electronic excitation or through coupling with 

incident photons.  It is the second mechanism that is typically used in SPR spectroscopy, 

and so the remainder of this section will solely focus on the optical-based approach. 

 The primary components are a monochromatic light source (generally a laser), a 

photodetector, a glass prism that has been modified with a thin metallic coating to 

generate surface plasmons, and a goniometer.   As the goniometer rotates, the incident 

angle of the laser beam is scanned over a designated range.  The photodetector then 

monitors the intensity of the light which is reflected from the metallic coating.  The 

photon-electron coupling which leads to resonance is manifested as a "dip" in the 
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reflectance spectrum.  The resonance of the surface plasmons creates a secondary electric 

field, also known as an evanescent field, which extends out only a very short distance (on 

the order of several hundred nanometers) from the metal surface.  The behavior of the 

plasmon resonance is closely coupled to the evanescent wave, which in turn is dependent 

upon the optical properties of the region immediately within the vicinity of the surface.  

This forms the basis of the SPR technique, as the binding of a ligand at the metal film-

solution interface causes a localized change in the refractive index.  This change is then 

manifested as shift in the angular position of the reflectance peak associated with 

plasmon resonance.34 

 SPR is generally employed as a biosensor for studying the interactions between 

molecules immobilized to the gold coating and ligands in solution.34  However, the 

method has been adapted for studying protein adsorption.  Haemers et al. used SPR to 

investigate the deposition of mussel adhesive proteins from two solutions having a pH 

values of 4.5 and 6.5.35  They found that proteins rapidly adsorbed from the pH 6.5 

solution, presumably due to the formation of supramolecular aggregates within the 

solution.  SPR is also commonly used for  investigating the adsorption of proteins onto 

self-assembled monolayers (SAMs), due to the fact that SAMs can readily be coupled to 

gold films using alkanethiol-based conjugation chemistry.36,37 

 One of the major limitations of SPR spectroscopy are the restricted types of 

surface chemistry that can be obtained.  This is in part due to the necessity of the metal 

coating.  The evanescent wave extends several hundred nanometers away from the 

coating, and so the combined thickness of the functional element and the analyte must be 

less than this distance.  In theory, it should be possible to lay down sufficiently thin oxide 

films over the gold coating via vapor deposition or sol-gel processes.  Unfortunately, 

coatings deposited over the gold layer can potentially distort the adsorption kinetics of 

proteins.38   
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IMMUNOAFFINITY METHODS 
 

 

 Immunoaffinity techniques employ the highly specific interactions which 

accompany the binding of antibodies to antigens.  Quantifying the amount of the antigen-

antibody complex present on a surface can be accomplished using several schemes.  The 

first method is commonly known as the enzyme-linked immunosorbent assay (ELISA),39  

which is schematically depicted in Figure 2.5.  The antibody being used as a probe is 

conjugated with another enzyme; horseradish peroxidase (HRP) is commonly used.  Once 

the antibody-enzyme complex has bound to the adsorbed protein, the surface is briefly 

rinsed to elute unbound material and then the sample is placed in a solution containing a 

substrate compound.  The HRP cleaves the substrate compound in such a way that a 

colored by-product is formed.  The concentration of this colored product may then be 

determined using optical absorption spectroscopy.40  Other methods for tagging the 

antibody probe include fluorescent labels, metallic colloids, and metal oxide colloids.41-44 

 The primary benefit of using antibodies as a tool for studying adsorbed proteins is 

the specificity of the immunocomplex.  Thus, the use of ELISA-based techniques 

pioneered by Vroman for studying adsorbed films consisting of multiple proteins is 

particularly attractive.45-47  Since the interaction between antigen and antibody occurs at 

specific binding sites located at the surfaces of the molecules, an immunoaffinity 

technique can potentially be employed as a method for qualitatively discerning the 

orientation of an adsorbed protein.48  If the binding region of the protein is buried at the 

adsorbent surface, its ability to bind to a corresponding antibody would either be 

diminished or eliminated altogether.  In order to confirm such an experiment it is 

necessary to independently verify the total quantity of adsorbed protein using a method 

that does not depend on the orientation of the protein, such as radiolabeling.  
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Figure 2.5.  Schematic diagram of the ELISA technique for detecting adsorbed protein.  
The shaded area of the antigens represents the antigen-antibody binding site. 
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SECONDARY ION MASS SPECTROMETRY 
 

 

 Secondary ion mass spectrometry (SIMS) is an analytical technique that uses an 

energetic beam composed of particles (e.g., Ar+, Ga+, or Xe+ ions) to strike the surface of 

a sample.  The result of this surface bombardment is the ejection of atoms and molecular 

fragments which become charged, thereby forming what are referred to as secondary 

ions.  These secondary ions are then directed towards a mass spectrometer which 

separates the various charged species on the basis of their mass to charge (m/z) ratio.  

The type of mass spectrometer which is employed is typically one of three possibilities: a 

quadrapole spectrometer, a magnetic-sector spectrometer, or a time-of-flight (ToF) 

spectrometer.  Of the three, the ToF spectrometer provides the greatest resolution over 

the broadest mass range.  In addition, the spectrum acquisition can occur within 

microseconds.49 

 There are two general types of SIMS, as determined by the mode in which the ion 

source is used.  When the ion source is operated at a high incident flux, a large number of 

particles strike the sample surface repeatedly in the same location.  As a result, a crater 

can actually begin to form.  If the ion source is continuously operated in this fashion, an 

elemental depth profile of the sample may be obtained.  This mode of operation is known 

as dynamic SIMS.  Unfortunately, the intense energy that is focused on the surface tends 

to completely atomize the sample so that only elemental information is generated. 

 Alternately, the method known as static SIMS uses much lower incident fluxes of 

energy to bombard the sample.  Consequently, a larger percentage of multi-atom ionized 

clusters are generated and valuable information about the actual surface chemistry  of the 

sample may be obtained.  Static SIMS is therefore the method of choice for studying 

adsorbed proteins since actual fragments of the polypeptide chain can be generated and 

then detected.  Due to the high mass of the peptide fragments which tend to be generated, 

a ToF spectrometer is the preferred detection scheme. 

 There have been relatively few studies to date that employ static SIMS as a tool 

for characterizing protein adsorption.  Mueller investigated the adsorption of salivary 

proteins onto the surface of dental alloys of varying composition.50  Static SIMS was 
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performed using both negatively and positively charged ions to bombard the sample 

surfaces.  It was qualitatively observed that the mass peaks associated with organic 

fragments (e.g., CNH, C2H3, and C2H3O), varied among the various dental alloys.  Davies 

et al. similarly used positive and negative static SIMS to examine the interaction of 

samples of stainless steel, glass, polypropylene, and silicone with solutions containing 

varying concentrations of BSA.51  Multiple peaks associated with proteinaceous 

fragments were identified, including a C4H8N+ fragment (m/z ratio = 70+) that was 

assigned to the amino acid proline.  An estimated measurement of the BSA content of 

various surfaces was performed using  ratios of signature secondary ion peaks observed 

in the mass spectra.  Calculations were performed on the basis of spectra generated using 

both a positive and negative ion source, and while both methods gave similar trends, the 

numerical agreement was poor.  The authors therefore suggested that static SIMS was 

should only be used for semi-quantitative work. 

 Perhaps the greatest obstacle facing static SIMS as a tool for characterizing 

adsorbed proteins is the difficulty that is faced when attempting interpret the complicated 

mass spectra.  Workers at University of Washington in Seattle have attempted to address 

this problem by applying multivariate statistical regression techniques to static SIMS 

mass spectra of protein films.52-55  Quantitative analysis of multi-component protein 

deposits is now attainable through the use of statistical methods, provided that 

appropriate standards are available for use as training sets.  Confirmation of these results 

has been obtained using independent techniques such as radiolabeling. 

 

 

MATRIX-ASSISTED LASER DESORPTION AND IONIZATION 

MASS SPECTROMETRY 
 

 

 Matrix-Assisted Laser Desorption and Ionization Mass Spectrometry (MALDI-

MS) is a relatively new characterization technique for studying adsorbed proteins.  Much 

like SIMS (discussed in the previous section), ionized protein fragments are generated 
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and detected by a mass spectrometer.  The difference between MALDI-MS and SIMS 

lies in the method by which these ionized fragments are generated. 

 The "matrix" alluded to in the technique's name refers to a material which readily 

absorbs light of a particular wavelength (an ultraviolet laser is frequently used) and 

subsequently undergoes disintegration in a process known as photoionization. Aromatic 

compounds such as sinapinic acid are generally used as the matrix material.56  During the 

photoionization process, any compounds (e.g., polymers or proteins)57,58 that have been 

mixed into the matrix are subsequently ionized and launched into space as the 

disintegrating matrix forms a gaseous plume.  The methods of detection are essentially 

identical to SIMS.   

 At its most basic level, MALDI-MS can be utilized as a tool to detect the presence 

of adsorbed proteins on a surface.  Oleschuk et al. and McArthur et al. used MALDI-MS 

to characterize multi-protein films that had adsorbed to polymeric biomaterials.59,60  Both 

groups noted that, at this time, MALDI-MS is semi-quantitative, at best.  McLean et al. 

adapted MALDI-MS as a tool for investigating the strength of interaction between 

proteins that were  both physisorbed and covalently bound to a carboxymethyl-dextran 

coating.60  It was observed that physisorbed proteins were successfully ejected from the 

sample surface during photoionization of the matrix, while covalently bound proteins 

were retained.  Buijs et al. utilized hydrogen/deuterium (H/D) exchange reactions in 

conjunction with MALDI-MS to investigate the stability of adsorbed proteins.61  The first 

stage of the experiment consisted of adsorbing lysozyme onto two different surfaces of 

markedly different surface chemistry: silica and gallium arsenide.  Following adsorption, 

a drop of deuterated buffer was added to the solution to initiate H/D exchange.  The 

samples were then rinsed, dried, and prepared for MALDI-MS.  No significant difference 

in the total amount of exchanged hydrogen atoms was observed among lysozyme 

adsorbed to GaAs, lysozyme adsorbed to silica, or lysozyme in solution.  However, the 

kinetics of H/D exchange occurred the most rapidly for lysozyme adsorbed to GaAs, 

followed by silica and then solution.  The rapid H/D exchange suggested that lysozyme 

adsorbed to GaAs was highly unstable.  A similar study of the H-D exchange processes 

of adsorbed insulin was performed by Buijs et al.62 
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 MALDI-MS is still a relatively new technique, and it would appear that is has 

tremendous potential as tool for examining adsorbed proteins.  The interactions between 

the photoionization source, the matrix material, and the sample (in this case, proteins) are 

still poorly understood.  One of the most fruitful areas of future research could be the 

application of statistical regression methods to MALDI-MS data in a fashion that is 

similar to the recent work by Wagner et al. involving static SIMS.54 

 

 

SCANNING PROBE MICROSCOPY 
 

 

Atomic Force Microscopy 

 

 The atomic force microscope (AFM) has revolutionized the emerging field of 

nanotechnology because of its ability to image a variety of samples at or near atomic 

scale resolution.  The fundamental operating principle of the AFM is conceptually quite 

simple.  A small stylus is attached to a motor capable of displacements along the three 

coordinate axes.  As the pointed stylus approaches the surface of a sample, it will begin to 

interact with the material, thereby producing a deflection in the stylus.  The deflection of 

this beam is monitored by a laser, which is then correlated to a vertical displacement.  By 

scanning the stylus over a region of the sample surface, a topographical map may then be 

generated. 

 The true power of AFM is its flexibility, since multiple "modes" of measurement 

can employed.  The three most common modes are contact, non-contact, and tapping.  In 

contact mode, the stylus is in direct contact with the sample surface.  Considering that the 

AFM tip is generally fabricated from materials such a silicon nitride, direct contact is 

unadvisable when the sample under consideration is "soft,” such as a biological molecule.  

Non-contact measurements are performed with the AFM tip located just above the 

sample surface.  Finally, tapping mode measurements are performed by rapidly 

oscillating the AFM tip above the sample such that only intermittent contact is allowed.  

High resolution images may thus be obtained, but with a decreased chance of inflicting 
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damage to the sample.  Tapping mode AFM has successfully been used to image 

biological structures over length scales ranging from cells to isolated molecules such as 

DNA and proteins.63-65  Willemsen et al. have used AFM to study antibody-antigen 

complexes on the surface of mica.66  Single molecular complexes were imaged and found 

to have vertical and lateral dimensions of about 3.6 nm and 20 nm, respectively.  The 

authors noted that the lateral dimension measurement may have been suspect due to tip 

broadening, an effect that is due to the finite size of the AFM tip.  Sheller et al. 

investigated adsorbed films that were formed from solutions containing varied 

concentrations of human serum albumin (HSA).67  They found that the films deposited 

from high concentrations solutions were very dense, while low concentration solutions 

formed patchy adsorbed layers.  In addition, they demonstrated the ability of surfactants 

to elute proteins from the sample surface.  Ortega-Vinuesa et al. used AFM to 

demonstrate the influence of solution conditions on protein adsorption by imaging 

proteins that were adsorbed to silicon surfaces from solutions of varying pH (4-9) and 

ionic strength (2-300 mM).68  At low ionic strengths, it was found that the HSA film 

morphology was dramatically influenced by the pH of solution.  HSA that adsorbed from 

high ionic strength solutions  tended to form similar adsorption layers, regardless of the 

pH.  The strong influence of ionic strength indicated that electrostatic forces are 

important in determining the adsorption of HSA to hydrophilic surfaces. 

The exquisite sensitivity of AFM that has allowed for the imaging of individual 

protein molecules can also be a potential disadvantage, because only a small portion of 

the total population of adsorbed proteins is typically sampled.  And since it is commonly 

accepted that adsorbed proteins may exist in a distribution of conformational states, the 

ability to make definitive conclusions on the basis of limited observations may be called 

into question.38 

 

Chemical Force Microscopy 

 

 Chemical force microscopy (CFM) is a relatively new extension of the AFM 

technique in which the tip is functionalized with specific ligands in order to impart 

chemical functionality.  Thus, when the tip is brought in close proximity to a sample, the 
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strength of interaction between the pendant groups and the sample surface can be 

measured.65  Bowen et al. have used CFM to explore the interactions between adsorbed 

BSA films.69  First, a colloidal silica particle was glued to an AFM tip.  The colloid and a 

planar silica surface were then both exposed to  a solution containing BSA, which 

adsorbed to the surfaces.  A series of force measurements were then performed in 

solutions of varying ionic strength and pH. 

One of the largest current limitations facing the use of CFM for probing protein-

surface interactions is the ambiguous nature of the functionalized scanning probe tip.  

The exact orientation of an immobilized protein on the tip is generally ill-defined.  

Furthermore, the total quantity of protein bound to any one tip can fluctuate to some 

degree, making it difficult to quantitatively analyze the forces of interaction between the 

functionalized tip and the sample surface. 

 

 

X-RAY PHOTOELECTRON SPECTROSCOPY 
 

 

 The interaction of x-ray radiation with a material can result in multiple 

phenomena, including diffraction, absorbance, scattering, and the secondary emission of 

photons and electrons.  The secondary electrons that are emitted in such a fashion are 

known as photoelectrons and form the basis of a technique known as x-ray photoelectron 

spectroscopy (XPS).  Since the photoelectrons that are generated by incident x-ray 

radiation can only travel over short distances before recombination occurs, only those 

electrons very near the surface are capable of escaping from the material.  The first 

important characteristic of XPS therefore lies in its ability to probe only the immediate 

surface of a material.  The second characteristic of interest relates to the ability to derive 

information about the chemical environment of various species in a sample on the basis 

of shifts in the energy of emitted photoelectrons (for this reason XPS is also referred to as 

Electron Spectroscopy for Chemical Analysis, or ESCA). 

 In reference to the study of protein adsorption then, XPS can immediately detect 

the presence of proteins at the surface of a material by monitoring the peaks relating to 
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carbon and nitrogen, elements which proteins contain in abundance.  The amount of 

protein adsorbed on a surface can be determined on the basis of the ratio of the N and C 

signals, as given by 
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 (2.7) 

 

where γ is the fraction of the sample surface covered by protein, t is the thickness of the 

adsorbed film iC and iN are the sensitivity factors for C and N, σC and σN are the 

photoionization cross-sections, λ corresponds to the inelastic mean free path of a C or N 

electron in the protein or the adsorbate surface, C refers to the concentration of C and N 

in the protein or adsorbate, and θ is the angle between the normal to the sample surface 

and the direction in which photoelectron collection takes place.70  The model presented in 

Equation 2.7 is quite complex, however, requiring multiple parameters and an 

independent assessment of the degree of surface coverage by the protein.  

A  more interesting aspect of XPS is the ability to elucidate the orientation of an 

adsorbed protein film.  Subirade et al. used angle-resolved XPS to scan the photoelectron 

emission from legumin films deposited on both glass and PTFE by a Langmuir-Blodgett 

technique.71  By using angle-resolved XPS, a depth profile of the carbon, oxygen, and 

nitrogen content of the protein film could be determined.  Deconvolution of the C 1s  

band and calculation of the C/O, C/N, and O/N atomic ratios as a function of depth 

revealed that a majority of the aliphatic carbon groups (-CH2-) were present at the surface 

of the film while the amide carbons were buried at the protein-substrate interface.  

Interestingly, the orientation of the legumin monolayer was found to be similar on both 

the glass and PTFE, but angle-resolved spectra of the C 1s and F 1s peaks from films 

deposited on PTFE suggested that  the film coverage was incomplete.  The attenuation of 

the Si 2p signal was found to be strongly dependent, however, indicating that the legumin 

film deposited on the glass substrate was a continuous monolayer.   

In another clever experiment, Vasquez and Margalit investigated the orientation 

of a special derivative of myoglobin in which a ruthenium organometallic complex was 
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attached to a specific histidine residue within the protein structure.72  The myoglobin 

molecule naturally contains an iron atom contained within a heme complex as well, and 

so XPS was conducted in order to determine the orientation of the axis formed by the Ru-

Fe pair.  The angle formed between the Ru-Fe axis and the sample surface, θ, was 

calculated according to 

 

  ω = sin−1 λ EK( )
d

IFeDRuσ Ru

IRu DFeσ Fe

 

 
  

 

 
  sinθ

 

 
 
 

 

 
 
 
     (2.8) 

 

where λ is the photoelectron attenuation length which is dependent on the kinetic energy 

of the photoelectron EK, DFe and DRu are the atomic number densities of Fe and Ru, and 

IFe and IRu are the intensities of the photoelectron emission lines for Fe and Ru.  This 

model does not take into account surface roughness.  If the intensity ratio of the two 

target probes was 1:1, it would imply that the orientation of the Ru-Fe axis within the 

adsorbed protein was either random or laying within the plane of the adsorbing surface.  

Clear ordering was observed when the tagged myoglobin was adsorbed to aluminum and 

graphite surfaces.  While the experiment is quite interesting, one should question the 

influence of the covalently bound Ru-complex on the structure and properties of the 

myoglobin protein.  In addition, the method is not generally applicable to all proteins, 

although many do contain inorganic ligands such as calcium, zinc, or magnesium ions73 

that could be used in a similar fashion. 

 Despite the high surface sensitivity of XPS, it does suffer from a few limitations.  

Several authors have noted that XPS is simply not sensitive enough to detect the presence 

of adsorbed proteins on surfaces composed of non-fouling materials such as polyethylene 

glycol.52,54 The problem is further compounded when the adsorbent surface contains 

nitrogen.52  Another potential disadvantage of using XPS to study adsorbed proteins is 

that the measurement is generally performed in an ultra-high vacuum (UHV) 

environment.  To maintain UHV conditions, the adsorbed protein film must first be dried, 

a process that can introduce undesirable artifacts.  The loss of water can change the 

thickness of the adsorbed film.  Löfäs and Johnsson noted that a dried protein film can 

expand by up to 10% when hydrated.  Secondly, the drying process could induce 
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conformational changes within the protein structure.  As a result, while the quantitative 

determination of the amount of adsorbed protein is unlikely to be greatly affected by 

drying, studies of protein orientation should be closely scrutinized.  Finally, while XPS is 

suitable for discriminating among differences among the various moieties (e.g., lipids, 

protein, and polysaccharides) deposited by complex biological fluids,  it is unable to 

make discriminations within those sub-categories, and so every adsorbed protein looks 

essentially identical, regardless of type. 

 

 

GEL ELECTROPHORESIS 
 

 

The problem of separating and analyzing individual proteins within a multi-

protein mixture can be approached using several methods, including liquid 

chromatography, capillary electrophoresis, and gel electrophoresis.  However, from the 

standpoint of studying multi-component protein adsorption, gel electrophoresis is the 

most commonly employed method. 

The basic mechanism of gel electrophoresis relies on the fact that proteins can 

acquire a net electrical charge in an aqueous solution, provided that the pH of the solution 

is not at the isoelectric point of the protein.  The association/dissociation reactions of 

hydrogen between the protein and the surrounding aqueous environment are responsible 

for the development of this charge.  Consequently, when an electrically charged protein is 

placed in an electrical field, it will tend to move in the direction of the oppositely charged 

electrode.  As the name would imply, the key to gel electrophoresis is the inclusion of an 

intervening medium which consists of a porous polymer gel that is saturated with an 

electrolytic solution.  The gel, which may be composed of agarose or polyacrylamide, has 

several important functions.   

The first role is to act as a type of molecular sieve that sorts migrating proteins on 

the basis of size, such that smaller proteins to move more readily through the porous 

structure of the gel.  Thus, if samples are loaded towards the top of vertically oriented 

gel, one would expect to see the smallest proteins move down the gel at a greater rate 
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than the largest proteins.  The separation properties of the gel can be tuned by varying the 

cross-linking density of the polyacryamide chains that comprise the gel (i.e., increased 

cross-linking reduces the effective porosity).  The second role of the gel is to simply act 

as a storage medium for subsequent visualization of the separated proteins - an aspect 

which will be discussed later in this section. 

The efficiency and accuracy of the electrophoretic separation process can be 

improved by unfolding the proteins within a sample.  This unfolding or denaturation of 

the polypeptide can be most easily accomplished by boiling the proteins in the presence 

of a surfactant.  The denaturation of the protein structure is initially stimulated by the 

thermal energy, but the purpose of the surfactant is to subsequently bind to the denatured 

protein and prevent refolding.  Sodium dodecylsulfate (SDS), an anionic surfactant, is 

one of the most effective and commonly used agents for denaturing proteins to be 

analyzed by gel electrophoresis. It is so common, that the technique is often referred to as 

sodium dodecylsulfate-polyacrylamide gel electrophoresis (SDS-PAGE).   In solution, 

the SDS molecule dissociates into a Na+ cation and a C12H25OSO3- anion.  The nonpolar 

segment of the anionic species binds to the denatured protein and the polar sulfate group 

is directed outwards into the solution.  The bound surfactant molecules then ensure that 

the protein is fully stretched into an extended state because of electrostatic repulsion 

among the negatively charged sulfate groups.  The first important benefit of using SDS is 

that consequent separations by gel electrophoresis will occur strictly on the basis of size 

and will not include any effects due to the native conformation of the folded protein.  A 

secondary advantage of using SDS is that the binding of numerous surfactant molecules 

to the proteins' surfaces inexorably swings the net electrical charge of all the proteins in 

the sample to a negative value so that the isoelectric points of the individual proteins 

become inconsequential.  The practical benefit is that the experimenter can be assured 

that all of the negatively charged proteins in a sample will migrate towards the anode 

upon applying an electrical field.  A reducing agent such as β-mercaptoethanol or 

dithiothreitol may also be added to the denaturing solution to cleave disulfide bonds that 

increase the connectivity and stability of the protein structure.  However, such reducing 

agents can also produce artifacts during subsequent imaging operations.  In practice, an 

actual denaturing solution intended for SDS-PAGE contains several other components, 
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including a buffering compound, glycerol, and bromophenol blue, as prescribed by 

Laemmli (refer to Appendix 1 for the composition of Laemmli sample buffer).75  The 

glycerol is added to increase the specific gravity of sample, which aids in sample loading, 

and bromophenol blue is simply a tracking dye that acts a simple visual monitor of the 

electrophoresis process. 

A schematic diagram of an apparatus used to conduct SDS-PAGE is shown in 

cross-section in Figure 2.7.  This configuration is known as a discontinuous buffer system 

because the buffer reservoirs containing the cathode (upper reservoir) and anode (lower 

reservoir) are physically distinct.  The upper reservoir is isolated by a compression seal 

that is formed between the front plate and rear plates.  The front plate actually consists of 

the polyacrylamide gel (shown in yellow) sandwiched between two plastic plates (shown 

in grey).  The compressive force is applied by a wedging device which is inserted behind 

the rear plate.  Once a seal has been formed, samples are loaded into "wells,” which are 

simply chevron-shaped notches located at the top of the polyacrylamide gel as shown in 

Figure 2.8 (assuming that one is using a vertically-oriented rig).  Electrophoresis of the 

charged molecules is then initiated by applying an electrical field.  The first half of the 

electrical circuit is formed from the cathode to the anode via the polyacrylamide gel 

which is saturated with an electrolyte solution (a tris-glycine buffering solution is 

common).  The second half of the circuit is completed by connecting an external power 

supply to leads that connect to the cathode and anode. 

Once the proteins have been electrophoretically separated into distinct zones or 

bands, they must be developed or stained in such a way that they are easily detected.  

This can be accomplished using a number of protocols including fluorescent tags, organic 

dyes such as Coomassie blue, or metallic colloids.76  One of the most sensitive techniques 

for visualizing bands in polyacrylamide gels is the silver staining method, which labels 

proteins with metallic silver colloids in a method that is akin to methods used to develop 

photographic film.77-79  If performed correctly, silver stains can detect sub-nanogram 

quantities of proteins.  However, the silver staining process is tedious, time-consuming, 

prone to chemical interference, and somewhat costly.  The reader is referred to Chapter 3 

for a more in-depth discussion of aspects relating to the silver staining method. 
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There are numerous articles in the literature that use SDS-PAGE to investigate 

multi-protein adsorption to metals,50 glasses and ceramics,80-88 and polymers.83,89,90  Not 

surprisingly, the ultimate conclusion from all of the cited studies is that surface chemistry 

can have an influence on both the type and quantity of proteins that will adsorb to a 

material.  However, an actual explanation for the specific mechanisms that control a 

given protein adsorption profile is often elusive. 

 

 

 

 
 

 

Figure 2.7.  Schematic diagram of a discontinuous gel electrophoresis rig in cross-
section.  Proteins flow through the polyacrylamide gel (shown in yellow) towards the 
lower anode. 
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Figure 2.8.  Schematic diagram of sample wells in a polyacrylamide gel.  The dark blue 
region represents a protein-containing Laemmli sample buffer and the arrow indicates the  
direction of electrophoretic migration. 
 

 

ACTIVITY ASSAYS 
 

 

 The study of protein adsorption generally involves the use of tools that indirectly  

probe the adsorbed state.  Often though, it is the function of the adsorbed protein that is 

truly of interest.  Therefore, a test that explores the activity of an adsorbed protein can 

provide a wealth of information about the state of the protein, since function always 

follow form.  

 Lobel and Hench investigated the activity of horseradish peroxidase (HRP) onto 

both silica gel and hydroxycarbonate apatite (HCA) layers.91 Initially, the enzymatic 

kinetics of HRP that had adsorbed to silica gel was several times faster than HRP 

adsorbed to HCA.  However, over a period of 21 h,  the activity of HRP adsorbed to 

silica had been completely eliminated.  The viability of HRP adsorbed to HCA was also 

greatly reduced, but it still displayed minimal activity after 28 h. 

Kondo et al. observed that the pH of the solution from which a protein adsorbed 

also had a significant affect on subsequent activity.  Enzymes that adsorbed to colloidal 

silica at pH values at or above their respective isoelectric points (iep) exhibited high 
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levels of activity, while pH values below their respective iep resulted in greatly 

diminished activity.  The diminished activity levels were attributed to structural 

disruption of the enzyme, as confirmed by CD spectroscopy.16 

Steadman et al. studied the activity of lysozyme adsorbed to colloidal silica that 

had undergone various surface modifications by organic groups.27  Adsorption to bare 

silica resulted in a partial reduction of activity, while methyl silica and butyl silica caused 

a complete loss in activity.  These results are supported by the work of Yan et al. who 

found that lysozyme adsorbed to polystyrene (another nominally hydrophobic surface) 

caused complete disruption of the protein structure, as measured by DSC.92 

 

 

INFRARED SPECTROSCOPY (DRIFTS, ATR) 
 

 

In general, the use of Fourier transform infrared spectroscopy (FTIR) takes three 

forms: transmission, external reflection, and internal reflection.93  As the name implies, a 

transmission measurement consists of directing infrared light through a sample and then 

detecting what portion of the light is absorbed.  Such an approach primarily measures the 

bulk properties of a material.  In order to look at surface features, a reflection-based 

method is required.  An external reflection measurement consists of directing infrared 

light at a given angle incidence onto a sample and then collecting the light that is 

reflected off the sample surface.  Depending on the mode of collection, specular 

reflectance, diffuse reflectance, or total reflectance can be monitored.  Neither 

transmission or external reflectance measurements are particularly well suited for 

investigating adsorbed proteins, owing to the minimal quantity of proteins that are 

present at the surface to absorb infrared light.  One exception is a study by Amanda and 

Mallapragada, who reported the use of a diffuse reflectance measurement to investigate 

protein fouling on polymeric membranes.94  Through the use of difference spectra, they 

found that myoglobin fouled polyethersulfone membranes but did not deposit on 

polyvinylalcohol.  It should be noted that the difference spectra were quite noisy, 

however, and so the method was strictly qualitative.  Instead, an internal reflectance 
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technique such as attenuated total reflectance (ATR) is more appropriate for 

characterizing adsorbed proteins. 

 A high-refractive index material such as a germanium or zinc selenide single 

crystal is used a propagation medium for incident infrared light, which enters and then 

reflects off the interface between the optically dense medium (i.e., the germanium 

crystal) and the optically rare medium (i.e., an aqueous solution).  The infrared beam 

subsequently undergoes a series of reflections as it propagates down the length of the 

reflection element until it finally exits and is directed towards a detector.95 

The actual operating mechanism relies on the evanescent wave that is created at 

each reflection between the optically dense and rare media.  This evanescent wave 

propagates into the rare medium, but the intensity, I, decays rapidly according to the 

expression 

 

I = I0 exp −x
d

 
 
 

 
 
         (2.9) 

 

where I0 is the intensity at the interface, x is the distance from the interface, and d is the 

depth of penetration, which described by the formula 

 

d =
λ

2πnd sin 2 θ − nd nr( )2
      (2.10) 

 

where λ is the wavelength of the incident light, nd is the refractive index of the dense 

medium (i.e., the reflecting single crystal element), nr is the refractive index of the rare 

medium (i.e., the protein film), and θ is the angle of incidence.96  Note that Equation 2.10 

does not include any explicit expressions to account for dispersive properties of either 

medium, and so the refractive index is often assumed to be constant. The intensity of the 

reflected infrared radiation will also depend on the possible presence of absorbing species 

such as proteins at the solid-liquid interface.  The major advantage of ATR-FTIR is 

therefore increased sensitivity due to the multiple reflections that occur between the 
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interface of the reflection element and the sample.  The location and assignments for the 

primary IR absorption bands observed for proteins are compiled in Table 2.3.97 

Baier and Dutton were the first investigators to report using the ATR-FTIR 

technique to study adsorbed proteins.98  Blood obtained from the jugular vein of 

anesthetized dogs was allowed to flow over a germanium single crystal.  Following 

exposure to the fresh blood for various time periods, the crystals were then rinsed with 

large quantities of buffered saline and distilled water to remove any  unbound material.  

The sample surface was allowed to dry in air prior to analysis.  The resulting IR 

absorption spectra showed several distinguishable peaks associated with the N-H stretch 

(3300 cm-1), the amide I band (1650 cm-1), the amide II band (1550 cm-1), and the C-H 

stretch (2800 cm-1).  This  indicated that even after the shortest exposure time of 5 s, 

proteins had irreversibly adsorbed to the surface of the germanium crystal despite 

extensive rinsing.  This frequently cited early paper established protein adsorption as one 

of the first events to occur when a foreign material is exposed to physiological 

environments. 

In more recent times, an emphasis has been placed on developing ATR-FTIR 

methods capable of quantitatively assessing features of adsorbed protein films.  Chittur 

covers many of these advances in ATR-FTIR techniques in a recent review article.96  Of 

particular interest is the ability to investigate conformational changes in the adsorbed 

protein.  Steadman et al. used the amide I band of lysozyme adsorbed to various 

methylated forms of silica to deduce changes in the α-helix and β-sheet content.27  

Giacomelli et al. similarly attempted to deduce information regarding secondary 

structural content from the IR absorption spectrum of IgG adsorbed to functionalized 

silica surfaces.99  The authors note that such procedures should be approached with great 

caution due to the curve fitting procedures that are often employed to deconvolute 

absorption bands.  In this case, the authors deconvoluted one broad absorption band into 

seven distinct peaks.  While such bands may truly be present in the measured sample, the 

sheer number of adjustable parameters calls the uniqueness of the curve-fitting solution 

into question.  Methods for determining the total amount of adsorbed protein have also 

been explored.  Sukhishvili and Granick exposed solutions containing known 

concentrations of HSA to Si reflection elements that had been left bare and functionalized 



 50

with a polyelectrolyte coating.100  Calibration curves were then successfully constructed 

on the basis of the integrated intensity of the amide I absorption band between the 

spectral region of 1610-1690 cm-1. 

 One difficulty associated with the ATR-FTIR method for studying protein 

adsorption is the presence of strong absorption of water bands that can overlap bands 

associated with proteins.  In particular, the intense H2O bending vibration located at 

1640 cm-1 directly interferes with the amide I band.  An attempt to subtract a background 

water spectrum from an aqueous solution containing protein can therefore result in severe 

errors.  Several solutions to the problem have been proposed, including the use of 

subtraction scale factors that rely on various spectral regions that are considered to be 

invariant.96   

A second drawback of ATR-FTIR is the generally irrelevant surface chemistry of 

the reflection element.  There is typically no real need to study adsorption behavior on 

germanium on zinc selenide surfaces, for example.  However, it is possible to deposit 

coatings onto the reflection elements to create functionalized surfaces using techniques 

such as vapor deposition and self-assembled monolayers.96  The major requirement of 

such coatings is that the film thickness be sufficiently thin, on the order of 100-200 Å, to 

allow the evanescent wave to penetrate through to the adsorbed layer.  McQuillan also 

recommended the use of porous sol-gel or colloidal film to study solid-liquid 

interfaces.101  The benefit from such an approach is that the porosity of the films allows 

potential adsorbate species to actually diffuse into the coating, as opposed to just 

interacting with the upper surface of a fully dense film.  As a result, the thickness of the 

coating may be increased.  The relative amount of interfacial area is also greatly 

increased, which translates to a higher total number of adsorbate species being probed 

during an ATR-FTIR measurement and an improved IR absorption signal. 
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Table 2.3.  Primary IR Absorption Bands for Proteins 

 

Band Position (cm-1) Band Assignment 

3100-3700 O-H Stretch 

3100-3700 N-H Stretch 

2800-3200 C-H Stretch 

2250 C≡N Stretch 

1700-1750 C=O Stretch 

1600-1680 C=O Stretch (Amide I) 

1640 O-H Bend 

1540-1610 C-O Asymmetric Stretch 

1500-1580 C-N Stretch, N-H Bend (Amide II) 

1400-1460 C-O Symmetric Stretch 
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ELLIPSOMETRY 
 

 

The essence of the optical technique known as ellipsometry consists of measuring 

the angles Ψ and ∆, which are related to the changes in the  magnitude and phases of the 

reflected polarized beam, respectively.102  There are two basic configurations that are 

commonly employed for measuring the ellipsometric angles.  The first type, known as 

null ellipsometry or single-wavelength ellipsometry (SWE) uses a monochromatic light 

(e.g., a laser) as the illumination source.103  The light is then passed through a polarizer 

and a quarter-wavelength (QW) plate, the combination of which converts the unpolarized 

incident radiation to an elliptically polarized beam of light. When the polarizer and QW 

plate are correctly configured, the change in polarization that occurs upon reflection off 

the sample exactly cancels out the elliptical polarization that was initially induced.  As a 

result, the beam is converted to a linearly polarized form.  A secondary polarizer, also 

known as an analyzer, is then adjusted to exactly cancel out the incoming reflected beam 

so that no light reaches a detector located behind the analyzer in a process known as 

finding the null position.  The second form of ellipsometry is known as spectroscopic 

ellipsometry (SE).  In SE, the angles  Ψ and ∆ are measured over a range of wavelengths 

using a photometric detection technique instead of the null position method.  The ability 

to analyze multi-layer thin films is the primary reason for employing SE.  Su et al. have 

stated that there is no noticeable benefit from using SE for studying protein adsorption.102 

One of the major benefits of using SWE is its ability to follow the adsorption 

kinetics of protein adsorption in real-time, in part because the null measurement 

technique is very rapid.47,61,68,102,104-111  In order to conduct such studies, a sealed cell 

(static or dynamic) equipped with optical windows is needed.106  The most important 

general result obtained from such work is that the adsorbed protein concentration can 

reach a nearly constant value within minutes, although true equilibrium conditions may 

take hours to attain due to conformational rearrangements.  Such discussions only hold 

for adsorption from solutions containing single proteins, however, due to the Vroman 

effect for multi-component solutions (refer to Chapter 1).  Another advantage of using 
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SWE is that no chemical markers or tags are needed, although radiolabeling techniques 

have been found to give comparable results.112 

The reverse situation of protein desorption may also be studied using SWE.  For 

example, the process of eluting proteins from surfaces is of immense interest, particularly 

to food processing industries where biofouling of surfaces is a problem.  Karlsson et 

al.,105 Krisdhasima et al.,107 and Wahlgren et al.108 have reported using SWE to monitor 

the removal of adsorbed proteins using various cationic surfactants such as 

alkyltrimethylammonium bromides and the anionic surfactant sodium dodecylsulfate.  

The ionic strength and surfactant concentration of the rinsing solution were found to be 

important in determining the efficacy of cleaning, since both parameters influence the 

formation of surfactant micelles which aid in protein removal.  Of course, proteins may 

be eluted from surfaces by agents other than surfactants.  Karlsson, et al. showed that β-

lactoglobulin, a protein found in milk, could be removed from 316L stainless steel using 

a simple NaOH rinse.106  Karlsson et al. also reported that rinsing with a buffer identical 

to that solution used for protein deposition was capable of removing slight amounts of 

adsorbed protein.105 This result could support the concept that adsorbed proteins are 

present in a distribution of bound configurations, some of which are not particularly 

stable. 

There are several considerations that must be made when using SWE for studying 

protein adsorption.  The surface of the sample to which proteins will adsorb must be 

specularly reflective.  SWE is generally employed for studying adsorption from single 

protein solutions, although multi-component systems are certainly an option.  

Unfortunately, no discrimination can be made between different proteins.  Furthermore, 

different proteins possess slightly different optical properties which could affect the 

models used to calculate film thickness.  These differences are often slight, however, and 

so simplifying assumptions could be made.  Elwing et al. have attempted to circumvent 

this problem using a modified ellipsometry technique known as the "lens-on-surface" 

method in which antibodies are employed  to bind to specific proteins within a multi-

component film.113,114 
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FLUORESCENCE SPECTROSCOPY 
 

 

 The use of fluorescence spectroscopy in the study of protein adsorption may take 

several forms.  The first method takes advantage of the intrinsic fluorescence properties 

possessed by the amino acids tryptophan (Trp) and tyrosine (Tyr). In two recent 

publications by Docoslis et al., the adsorption kinetics of HSA onto silica were followed 

at 0.1 s intervals using a standard front-face fluorescence technique.115,116  The choice to 

use fluorescence was motivated by the ability to monitor the earliest stages of the 

adsorption process, whereas the lower limit of other spectroscopic methods is typically 

several minutes.115 The fluorescing behavior of amino acids is sensitive to the 

environment which surrounds the corresponding fluorophore.  As a result, it is possible to 

detect structural rearrangements in proteins by monitoring shifts in the positions of 

fluorescence emission peaks. Steadman et al. used front-face fluorescence spectroscopy 

to follow the adsorption of proteins onto colloidal silica over an approximate temperature 

range of 20-80°C.  It was observed that blue shifting of fluorescence emission peaks 

associated with unfolding occurred at lower temperatures for adsorbed proteins in 

contrast to free proteins in solution.27 

 Another popular experimental configuration for probing the fluorescence of 

proteins is known as total internal reflection fluorescence (TIRF).  The technique is 

qualitatively similar to ATR-FTIR in that an evanescent wave is generated by the 

reflection of light at a solid-liquid interface.  However, while ATR-FTIR measures 

optical absorption, TIRF measures the optical emission from fluorescing species (e.g., 

Trp and Tyr).  One of the major advantages of TIRF is that chemically relevant reflection 

elements may be used instead of the high refractive index materials that are required for 

ATR-FTIR experiments.  For example, Iwamoto et al. utilized the intrinsic fluorescence 

of Trp residues in fibronection to study adsorption to glass and silica microscope 

slides.117  The composition of the glass microscope slides was not specified.  Adsorption 

kinetics were measured by monitoring the emission peak intensity as a function of time.  

Extrinsic fluorescent techniques utilize fluorescent markers that bind to the 

proteins under investigation.  Verjat et al. employed a modified orthophtalaldehyde 
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method to test the efficacy of various procedures used to clean medical devices.118  

Fluorescence-based microscopy techniques have also been used to study the spatial 

patterning and density of tagged protein films on various surfaces.119  Other extrinsic 

fluorescence techniques actually probe the structure of a protein.  Karlsson et al. used 8-

Anilino-1-naphthalene sulfonic acid (ANS) as a probe to monitor the adsorption-induced 

destabilization of human carbonic anhydrase II.120  As the time of adsorption increased, a 

progressive increase in the 470 nm emission peak of ANS was observed.  This emission 

peak is associated with ANS that has bound to proteins in a so-called "molten globule" 

state, which is an intermediate state between fully folded or unfolded conformations. 
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Chapter 3: Production and Surface Area 
Estimation of Glass Microspheres 
 
 
 
"Moreover, in this Art nothing is more true than this, though it be little known and gains 
small confidence.  All the fault and cause of difficulty in Alchemy, whereby very many 
persons are reduced to poverty, and others labour in vain, is wholly and solely lack of 
skill in the operator, and the defect or excess of materials, whether in quantity or quality, 
whence it ensues that, in the course of operation, things are wasted or reduced to 
nothing.  If the true process shall have been found, the substance itself while transmuting 
approaches daily more and more towards perfection.  The straight road is easy, but it is 
found by very few.” 
 
– Phillipus Theophrastus Peracelsus, The Coelum Philosophorum 
 
 
 
INTRODUCTION 
 

 

 The production of glass microspheres for use in protein adsorption experiments 

was motivated by several factors.  In preparing the glasses used in this thesis, it became 

immediately obvious that certain glasses (those containing higher levels of alumina, in 

particular) would be difficult, if not impossible, to pour into sizable monolithic pieces 

due to the high viscosity of the melts.  As a result, the quenched glasses were converted 

into frit by crushing and grinding.  Another advantage of using particles was the 

corresponding increase in the surface area of the glass.  At this point, the glass frit could 

have been used for protein adsorption studies without further processing, but the 

irregularly shaped particles presented an additional complication. 

 The quantitative determination of protein adsorption to a surface requires that the 

surface area of the adsorbent material be known.  For regularly shaped bulk materials, a 

reasonably accurate value can be obtained through a simple geometric measurement of 

the dimensions of the adsorbing surface.  At the other extreme, the surface area of a fine 

powder can be determined using several methods; gas adsorption being one of the most 

common.  Materials that possess an intermediate surface area, such as the aforementioned 
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glass frit, are more problematic.  The frit particles were obviously too small to measure 

by hand, and the amount of sample needed to perform gas adsorption would have been 

prohibitively large.  A geometric approach seemed to be the most promising (i.e., a direct 

measurement of the particle dimensions), but the irregular shape of the frit would have 

introduced an additional error due to the elliptical approximation that is often used to 

classify such particles.  The problem was addressed by converting the irregular frit into 

glass microspheres.  The determination of surface area of the glass particles could then be 

accomplished using simple expressions for the sphere. 

 The glass microspheres were ultimately measured using a geometric approach,1 

but with the aid of scanning electron microscopy (SEM) micrographs.  SEM was 

employed over optical microscopy because the depth of focus for an electron microscope 

is much greater than an optical microscope at equivalent levels of magnification.2  The 

practical benefit of this distinction is that a group of glass microspheres ranging in 

diameter between 50-250 µm would all appear in focus in a single SEM image, whereas 

only a fraction of the microspheres would appear to be in focus in an optical micrograph. 

 Measurements made on the resulting SEM images were used to generate a 

histogram that estimated the true diametrical distribution of a particular composition of 

glass microspheres.  Prior to further data analysis, smoothing was performed by fitting a 

normal or lognormal statistical distribution to the experimental data.  The normal and 

lognormal functions used for fitting took the following forms, respectively: 

 

  φ x( ) = α exp
− x − β( )2

2γ 2

 

 
 
 

 

 
 
      (3.1) 

and 

  φ x( ) = α exp
− ln x − ln β( )2

2 ln γ( )2

 

 
 
 

 

 
 
 ,    (3.2) 

 

where φ(x) is the percent occurrence of microspheres possessing a diameter x.   
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EXPERIMENTAL 
 

Production of Glass Microspheres 

 

 All glasses were melted in a platinum-rhodium crucible using reagent grade 

Na2CO3, CaCO3, Al2O3, and SiO2 powders with the exception of Pyrex® (Corning Code 

7740), which was obtained from crushed laboratory glassware.  The melting temperature 

ranged between 1200-1600°C, as dictated by the glass composition, and the melting time 

was approximately 4 h.  Glass melts were quickly quenched in situ by repeatedly dipping 

the crucible in a cold water bath.  The resulting glass typically fractured into several 

pieces, which were further ground in a mortar and pestle.  The glass frit was then sieved 

to retain particles between 106-150 µm.  No attempt was made to remove fines or break 

up agglomerates in the glass frit. 

 Glass microspheres were produced using the flame spraying apparatus 

schematically depicted in Fig. 3.1.  A vibrating spatula was loaded with glass frit, which 

was slowly introduced into an oxy-methane flame.  Care was taken to place the spatula 

sufficiently close to the flame so that all of the frit could be visually observed (with the 

aid of tinted safety glasses) to drop into the flame, otherwise the frit would merely float 

on top of the flame without melting.  Once in the flame, the irregular glass particles 

melted and, through the influence of surface tension, reformed into microspheres.  The 

microspheres were propelled forward by the force of the torch flame and collected in a 

steel tube lined with aluminum foil.  The microspheres were then poured onto a piece of 

weighing paper.  A sample was immediately taken using adhesive tape and observed with 

a reflected light optical microscope to confirm that the frit was successfully converted 

into microspheres. 

 Each glass composition yielded between 4-6 g of microspheres.  Prior to storage, 

the glass microspheres were mixed on the weighing paper with a spatula in order to 

minimize any flow-related size segregation that may have occurred during transfer from 

the aluminum foil.  The microspheres were stored in several plastic microfuge tubes and 

then placed in a desiccator.  The distance over which the microspheres were poured into 

the microfuge tubes was kept very short (several centimeters) in an attempt to eliminate 
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flow-related segregation.  As a result, it has been assumed that the size distribution of a 

given composition of microspheres is constant both within and among the microfuge 

tubes used to store the samples. 

 

Microsphere Surface Area Estimation 

 

 Samples for SEM analysis were prepared according to the following procedure.  

First, a small quantity of colloidal carbon glue was placed on a glass microscope slide 

that had been cleaned with isopropanol prior to use.  An inverted steel sample stub was 

then immediately set on the carbon glue and briefly rotated so that the entire stub surface 

would become coated with the adhesive.  The sample stub was removed from the glass 

surface by sliding horizontally, as opposed to lifting off vertically, which tended to cause 

uneven rippling of the carbon glue coating.  Once the stub had been removed from the 

microscope slide, glass microspheres were quickly sprinkled onto the coated stub by 

tapping the microfuge tube in which the beads were contained.  The solvent in the carbon 

glue was then allowed to evaporate at room temperature for approximately one minute.  

Unadhered microspheres were dislodged from the sample by knocking the stub on a 

countertop.  Those microspheres that remained on the stub were sputter-coated with a 

gold/palladium film for three minutes. At least two samples were prepared from each 

batch of glass microspheres to improve sampling quality.  Images were then acquired 

using the secondary electron detector of an Amray SEM operating at an accelerating 

voltage of 20 kV. 

 The freeware software program NIH Image was used to measure the diameters of 

microspheres from SEM images.  Distances were equated to pixels in the digital images 

using the reference bar included with each micrograph.  At least 1000 microspheres from 

each composition were measured in this fashion for statistical significance,3 and the 

results were compiled into a list that was sorted in ascending order.  This sorted list was 

used to generate two plots.  The first, a cumulative normal probability plot, was 

employed as a simple diagnostic tool for visually assessing how well the microsphere 

population conformed to a normal distribution.  In addition, a histogram spaced at 10 µm 
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intervals and covering the range 10-400 µm was constructed to form an estimated 

diametrical distribution of microspheres. 

 KaleidaGraph (Synergy Software) was then used to fit Eqs. 3.1 and 3.2 to the 

estimated distributions for each glass microsphere composition.  Whichever model 

yielded the highest R2 value was chosen as the best fit.  The model parameters extracted 

from curve fitting were then used to construct a smoothed histogram, again at 10 µm 

intervals over the range 10-400 µm.  The model-derived histogram served as a weighting 

function for determining surface area and volume distributions, which were calculated 

according to 

 

  
  
si = 4π

xi

2
 
  

 
  

2

φ xi( ); i = 1,2,3, ,40     (3.3) 

and 

  
  
vi =

4
3

π
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3

φ xi( ); i =1,2,3, , 40    (3.4) 

 

where i is the ith histogram interval, beginning at 10 µm (i=1) and ending at 400 µm 

(i=40).  Equations 3.3 and 3.4 obviously depend on the model assumption that the 

particles under consideration are spherical in geometry.  The surface area to volume ratio 

(i.e., the amount of surface area possessed by a unit volume of microspheres), SV, was 

then calculated by 

 

  SV =
si

i =1

40

∑

vi
i =1

40

∑
.       (3.5) 

 

 A Micromeritics Accupyc 1330 pycnometer was used to determine the density of 

each batch of glass microspheres.  Initially, the microspheres were left in a drying oven at 

100 °C for several hours to drive off physisorbed moisture.  The entire batch of glass 

microspheres (ranging between 4-6 g for any given composition) was placed into a 

sample cup and purged four times with helium.  Three independent measurements were 
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then performed and the average value of the results was taken as the average density, ρ, 

of the glass microspheres. 

 The specific surface area, SS, of each batch of glass microspheres was simply 

determined by 

 

  SS =
SV

ρ
       (3.6) 

 

During the course of performing these calculations, units were chosen such that the final 

value of SS would be expressed in cm2·g-1. 
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Figure 3.1.  Schematic diagram of the oxy-methane flame spraying apparatus used to 
produce glass microspheres. 
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Figure 3.2.  Optical microscopy image revealing the presence of bubbles within glass 
microspheres.  Such bubbles necessitated the use of helium pycnometry for density 
determination. 
 

 

 
 

Figure 3.3  Optical microscopy image of a glass microsphere with a surface flaw. 
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Figure 3.4.  SEM image of glass microspheres. 
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RESULTS AND DISCUSSION 
 

 

 The cumulative probability plots, estimated diametrical distributions, and best 

model fits for each composition of glass microspheres are shown in Figs. 3.5-3.19.  Eight 

out of the fifteen batches of microspheres are best described by a lognormal function.  It 

should be noted however that the difference in the quality of fit between the two 

candidate statistical distributions is small in every instance.  It is therefore not especially 

meaningful to ascribe any particular significance to the function that provided the best fit.   

 Recalling that the frit used to prepare the glass microspheres was sieved to fall 

within a specific range, it is interesting to observe that all of the glass compositions 

produced significant quantities of microspheres that fell outside the minimum and 

maximum limits of 106 and 150 µm, respectively.  There are two possible explanations 

for the presence of microspheres below the lower size limit.  The first is the existence of 

glass frit particles possessing a high aspect ratio, such as those shown in Fig. 3.20.  Such 

particles could be retained on the lower sieve due to the length of their major axes.  

However, upon melting, high aspect ratio frit would form a microsphere whose diameter 

falls below the lower size limit.  A second potential explanation is the fragmentation of 

agglomerates that contain frit particles less than 106 µm.  Those microspheres that were 

larger than 150 µm in diameter were most likely created by the fusion of agglomerated 

frit.  This is supported by Figure 3.21 which show a partially fused agglomerate of 

smaller particles. 

 The rationale of choosing a 10 µm interval size for generating the diametrical 

distributions of the glass microspheres is illustrated in Figure 3.21.  At the smallest 

interval size of 1 µm, the distribution is quite noisy.  As the interval spacing is increased, 

the histograms begin to smooth and scatter is suppressed while the overall features of the 

distribution are retained.  Of course, the smoothing comes at the price of resolution, but  a 

10 µm interval seems to be a reasonable compromise in this case. 

 Figure 3.22 demonstrates the motivation for using a curve fit  to smooth the 

frequency distribution data prior to calculation of the percent surface area and percent 

volume distributions.  Part (a) shows the surface area and volume distributions calculated 



 78

from the uncorrected data while part (b) shows the corresponding distributions calculated 

from a smooth function.  The percent surface area and percent volume distributions are 

proportional to the square and cube of the microsphere radii, respectively.  Consequently, 

small discontinuities located at the upper limit of the diametrical distribution become 

overly exaggerated when uncorrected data is used. 

The SA/V ratios determined using the smoothed diametrical distributions are 

listed in Table 3.1.  Table 3.2 lists the density values of the glass microspheres as 

determined by helium pycnometry as well as theoretical density values, for purposes of 

comparison.  Finally, the calculated specific surface areas of the glass microspheres are 

given in Table 3.3. 
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Figure 3.5.  Distribution data for 20-80 SS glass microspheres: (a) Cumulative normal 
probability plot and (b) Estimated diametrical distribution and lognormal model fit. 
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(b) 

 

Figure 3.6.  Distribution data for 15-5-80 SAS glass microspheres: (a) Cumulative normal 
probability plot and (b) Estimated diametrical distribution and lognormal model fit. 
 



 81

50 100 150 200 250 300 350
.01

.1

1

5
10
20
30
50
70
80
90
95

99

99.9

99.99

Diameter (µm)

Pe
rc

en
t

 

(a) 

0

5

10

15

20

0 50 100 150 200 250 300 350 400

%
 F

re
qu

en
cy

Diameter (µm)

ErrorValue
0.3101511.301α
1.1016145.97β

0.0058310.79289γ

NA0.97337R2

 

(b) 

 

Figure 3.7.  Distribution data for 15-5-80 SLS glass microspheres: (a) Cumulative normal 
probability plot and (b) Estimated diametrical distribution and lognormal model fit. 
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(b) 

 

Figure 3.8.  Distribution data for 30-70 SS glass microspheres: (a) Cumulative normal 
probability plot and (b) Estimated diametrical distribution and lognormal model fit. 
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(b) 

Figure 3.9.  Distribution data for 25-5-70 SAS glass microspheres: (a) Cumulative normal 
probability plot and (b) Estimated diametrical distribution and lognormal model fit. 
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(b) 

 

Figure 3.10. Distribution data for 25-5-70 SLS glass microspheres: (a) Cumulative 
normal probability plot and (b) Estimated diametrical distribution and lognormal model 
fit. 
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(b) 

 

Figure 3.11.  Distribution data for 20-10-70 SAS glass microspheres: (a) Cumulative 
probability plot and (b) Estimated diametrical distribution and lognormal model fit. 
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(b) 

 

Figure 3.12. Distribution data for 20-10-70 SLS glass microspheres: (a) Cumulative 
normal probability plot and (b) Estimated diametrical distribution and normal model fit. 
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(b) 

 

Figure 3.13.  Distribution data for 15-15-70 SAS glass microspheres: (a) Cumulative 
normal probability plot and (b) Estimated diametrical distribution and lognormal model 
fit. 
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Figure 3.14.  Distribution data for 15-15-70 SLS glass microspheres: (a) Cumulative 
normal probability plot and (b) Estimated diametrical distribution and normal model fit. 
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(b) 

 

Figure 3.15.  Distribution data for 25-15-60 SAS glass microspheres: (a) Cumulative 
normal probability plot and (b) Estimated diametrical distribution and normal model fit. 
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(b) 

 

Figure 3.16.  Distribution data for 25-15-60 SLS glass microspheres: (a) Cumulative 
normal probability plot and (b) Estimated diametrical distribution and normal model fit. 
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Figure 3.17.  Distribution data for 20-20-60 SAS glass microspheres: (a) Cumulative 
normal probability plot and (b) Estimated diametrical distribution and normal model fit. 
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Figure 3.18.  Distribution data for 20-20-60 SLS glass microspheres: (a) Cumulative 
normal probability plot and (b) Estimated diametrical distribution and normal model fit. 
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(b) 

 

Figure 3.19. Distribution data for Pyrex® glass microspheres: (a) Cumulative normal 
probability plot and (b) Estimated diametrical distribution and normal model fit. 
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Table 3.1.  Surface Area to Volume Ratios of the Glass Microspheres 

 

Glass Composition Surface Area to Volume Ratio (cm2·cm-3) 

20-80 SS 392 

15-5-80 SAS 332 

15-5-80 SLS 340 

30-70 SS 274 

25-5-70 SAS 392 

25-5-70 SLS 354 

20-10-70 SAS 402 

20-10-70 SLS 502 

15-15-70 SAS 385 

15-15-70 SLS 365 

25-15-60 SAS 429 

25-15-60 SLS 271 

20-20-60 SAS 477 

20-20-60 SLS 396 

Pyrex® (7740) 373 
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Table 3.2.  Densities of the Glass Microspheres 

 

Glass Composition Theoretical Density (g·cm-3) Measured Density (g·cm-3) 

20-80 SS 2.383 2.316±0.002 

15-5-80 SAS 2.407 2.203±0.001 

15-5-80 SLS 2.425 2.221±0.001 

30-70 SS* 2.485 1.549±0.001 

25-5-70 SAS 2.465 2.329±0.004 

25-5-70 SLS 2.504 2.319±0.003 

20-10-70 SAS 2.437 2.177±0.001 

20-10-70 SLS 2.523 2.506±0.002 

15-15-70 SAS 2.415 2.415±0.001 

15-15-70 SLS 2.543 2.516±0.001 

25-15-60 SAS 2.496 1.954±0.002 

25-15-60 SLS 2.621 2.353±0.001 

20-20-60 SAS 2.477 2.177±0.001 

20-20-60 SLS 2.642 2.151±0.002 

Pyrex® (Corning 

7740) 

2.23 † 2.208±0.004 

 
* Note: All theoretical densities were determined using the Appen method implemented 
in the SciGlass glass properties database with the exception of the 30-70 SS value, which 
was found using the Demkina-76 (modified) method. 
† Value quoted from Corning, Inc. product information literature. 
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Table 3.3.  Specific Surface Areas of the Glass Microspheres 

 

Glass Composition Specific Surface Area (cm2·g-1) 

20-80 SS 169 

15-5-80 SAS 151 

15-5-80 SLS 153 

30-70 SS 177 

25-5-70 SAS 169 

25-5-70 SLS 153 

20-10-70 SAS 185 

20-10-70 SLS 200 

15-15-70 SAS 159 

15-15-70 SLS 145 

25-15-60 SAS 220 

25-15-60 SLS 103 

20-20-60 SAS 219 

20-20-60 SLS 184 

Pyrex® (7740) 169 
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Figure 3.20.  SEM image of high aspect ratio 20-80 SS glass frit particles. 
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Figure 3.21.  SEM image showing a partially fused mass of glass microspheres. 
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Figure 3.23.  The estimated diametrical distributions for the 15-15-70 SAS batch of glass 
microspheres as a function of the interval size used to generate the percent frequency 
histograms.  An increase in the interval size leads to smoothing of the distribution.
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Figure 3.22.  Comparison of the (a) initial and (b) smoothed percent frequency, surface 
area, and volume distributions for 15-5-80 SLS glass microspheres. 
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Chapter 4: Effect of Glass Corrosion on the 
Detection of Proteins by Silver Staining 
 
 
 
"See that clock on the wall? In five minutes you are not going to believe what I just told 
you." 
 
– David Lynch, Blue Velvet 
 
 
 

SUMMARY 
 

 

 The influence of glass corrosion on the silver staining of proteins was investigated 

by reacting glass microspheres of varying chemical durability in boiling Laemmli sample 

buffer (LSB) for up to 5 min. All three of the investigated glass compositions leached 

Na+ ions to varying degrees during boiling in LSB, thereby causing an increase in the pH 

of the sample buffer. The LSB supernatant from the corrosion tests was mixed with un-

reacted LSB containing human serum albumin (HSA) and standard one-dimensional 

SDS-PAGE was performed.  Silver staining was then used to visualize protein bands 

within the gel.  The least durable composition, a 30 Na2O·70 SiO2 glass, exhibited 

pronounced degradation.  Subsequent attempts to stain HSA suspended in the LSB that 

was reacted with the 30 Na2O·70 SiO2 glass resulted in the inhibition of the silver 

staining process.  The cause of this behavior may be due to an interference with the 

fixation stage of the silver staining process. 
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INTRODUCTION 
 

 

 The adsorption of proteins to the surfaces of natural and man-made materials is of 

interest as both a scientific curiosity and a problem of immense importance.  Adsorbed 

proteins are known to act as mediators in the formation of confluent  microbial films that 

can lead to persistent infections and the corrosion of the substrate material.1-2  The 

adsorption of proteins can also play a dramatic role in determining the fate of materials 

that are implanted into the body.  For example, zirconia and alumina-based femoral heads 

used in hip replacement procedures demonstrate remarkably different tribological 

properties when tested in model physiological solutions containing proteins, since 

adsorbed films act as a lubricating layer that reduces friction.3  The adsorption of proteins 

can also impact the structural remodeling that occurs when bioactive glasses and 

ceramics are placed in physiological solutions.  Lobel et al.4 and Radin et al.5 observed 

that the presence of serum proteins could retard or inhibit the formation of a crystalline 

hydroxyapatite surface layer on bioactive glasses tested under in vitro conditions.  

Similar results were  also obtained when biphasic calcium phosphate ceramics consisting 

of hydroxyapatite and tricalcium phosphate were soaked in simulated body fluid (SBF) 

with and without bovine serum albumin.  The surfaces of samples soaked in neat SBF 

became covered with plate-like crystals that were about 10 µm in size, while the protein-

containing SBF solution induced the formation of net-like crystalline formations that 

were just 1 µm in size.6 

 There are a variety of methods for investigating the extent and character of 

proteins that adsorb to surfaces, and each is capable of providing slightly different 

information.  For example, sodiumdodecylsulfate-polyacrylamide gel electrophoresis 

(SDS-PAGE) has previously been used to characterize the adsorption of proteins onto a 

variety of materials.7-15 The motivation for using SDS-PAGE in these cases was its ability 

to resolve multiple proteins on the basis of molecular weight.  Depending on the levels of 

standardization employed, it is possible to make semi-quantitative or quantitative 

conclusions about the protein adsorption profiles determined by SDS-PAGE.  
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Furthermore, by employing immunochemical conjugation techniques such as Western 

blotting, the identity of the proteins separated by SDS-PAGE may be identified.16 

 Of course, SDS-PAGE may also be used to study the adsorption of a single 

protein.  It is particularly useful when attempting to detect small amounts of protein since 

low detection limits, on the order of 1 ng·mL-1 in the case of human serum albumin 

(HSA), can be achieved when using a silver-based staining technique to image protein 

bands. The silver staining process used to visualize proteins in polyacrylamide gels  is 

composed of five main steps, as outlined in Table 4.1.  In the first stage known as 

fixation, the gel is soaked in a liquid designed to immobilize proteins within the gel as 

well as remove interfering species such as SDS that may result in increased background 

staining.  The fixation medium commonly consists of a mixture of an acid, alcohol, and 

water.  The second stage is a sensitization step where the gel is treated with a compound  

that binds to the denatured proteins, typically glutaraldehyde, which also displays a high 

affinity for silver.  The importance of the sensitization process is realized during the 

subsequent staining step in which the gel is soaked in a silver-containing solution.  

During the staining step, silver complexes with the glutaraldehyde that is bound to the 

protein to form a so-called “latent image”.  In the fourth step, the latent image developed 

during staining acts as a localized catalyst for the growth of colloidal-scale silver 

particles.  Over sufficient time, the growth of the silver particles is sufficient to cause 

visible coloration of the protein bands within the polyacrylamide gel.  The final stage is 

an acidic stopping solution that halts the development process which, if left unabated, 

could result in negative staining – a phenomenon in which the intensity reverses and 

eventually fades away.  The relative complexity of the silver staining process is its most 

serious disadvantage, since there are numerous steps for possible errors to be introduced.  

Silver staining is also extremely sensitive to environmental variables such as temperature 

and water quality which, when improperly controlled, can lead to high background noise 

and poor staining. 

 It is well established that the initial stage in the aqueous corrosion of silicate 

glasses is an exchange reaction between alkali cations in the glass and hydronium ions in 

the solution.  The result of this ion exchange reaction is an increase in the pH of the 

solution.  The extent of this corrosion reaction depends on numerous factors including the 
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glass composition and morphology, the solution pH and composition, temperature, and 

the surface area to volume ratio of glass to solution.   

When using SDS-PAGE to determine the extent of protein adsorption, a glass can 

potentially experience two distinct stages in which corrosion would occur.  In the first 

stage, the glass is exposed to a buffered solution containing protein for some period of 

time.  After an incubation period, the glass is separated from the supernatant solution and 

briefly rinsed to remove loosely bound protein.  Next, the protein that has tightly bound 

to the glass surface must be eluted back into solution, a process that is most easily 

accomplished by boiling the glass in Laemmli sample buffer (LSB).  Doing so has two 

advantages: 1) The SDS surfactant present in LSB aids in eluting the bound protein from 

the glass surface and minimizes protein loss to the sides of the sample tube and 2) The 

sample is in a readily usable form for analysis by SDS-PAGE.  Unfortunately, such an 

environment places extreme demands on the glass adsorbent.  The combination of 

elevated temperature and relatively high pre-existing electrolyte concentrations (SDS 

dissociates into Na+ and its anionic surfactant component) can lead to accelerated 

corrosion.19  

A simplified version of the aforementioned experimental method could also be 

employed.  Namely, the supernatant solution from the initial incubation period may be 

analyzed for residual protein content.  Assuming that the initial protein concentration is 

known, the amount of adsorbed protein may be calculated on the basis of the difference 

between the starting and final concentrations.  While this depletion approach is certainly 

more straightforward in the experimental sense, there are several subtle disadvantages.  

The first and perhaps most important drawback is that no account is made of the protein 

that adsorbs to the walls of the incubation vessel.  If the surface area of the vessel in 

contact with the protein-containing solution is large, or the vessel material displays a high 

affinity for the protein(s) of interest, such adsorption losses can be quite high and lead to 

an erroneous overestimation of the amount of protein that has attached to the adsorbent 

material under investigation.  The second caveat is a problem of definition, since an 

adsorbed protein can be present on a  surface in multiple forms, each of which can have a 

varying degree of attachment to the adsorbent material.  By characterizing the residual 
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protein content of the incubation solution the entire population of adsorbed protein (i.e. 

tightly and loosely bound) is measured.   

  

 

EXPERIMENTAL 
 

Sample Preparation 

 

 Silicate glasses having nominal compositions, in mole percent, of 20 Na2O·80 

SiO2, 30 Na2O·70 SiO2, and 25 Na2O·5 CaO·70 SiO2 (abbreviated 20-80 SS, 30-70 SS 

and 25-5-70 SLS, respectively) were batched from reagent grade Na2CO3, CaCO3, and 

SiO2 powders.  The silicate melts were prepared in a platinum-rhodium crucible at 

temperatures between 1300°C to 1400°C for 4 h.  Glasses were formed by pouring the 

melts into a room temperature graphite mold.  Whatever portion of the melt remained in 

the crucible was quenched to form glass by periodically dipping the hot crucible into a 

cool water bath, taking care not to allow water into the crucible.  The glasses were then 

crushed into frit and sieved to a size range between 106-150 µm.  The resulting frit was 

converted into glass microspheres using a flame spraying process (cf. Chapter 3).  The 

glass microspheres were then annealed on a platinum dish at their respective glass 

transition temperatures for 2 h and then slowly cooled to room temperature.  The glasses 

were then stored in a desiccator for future use. 

 

Corrosion Testing 

 

 Corrosion samples were prepared by weighing out between 15.0 to 15.5 mg of the 

glass microspheres into 1.5 mL microfuge tubes. One half of the combined sample set, 

designated “pre-corroded”, was then exposed to 250µL of tris-buffered saline (TBS) at 

37°C for 1 h.  Refer to Appendix 1 for a description of the method used to prepare the 

TBS.  The reacted microspheres and solution were then transferred to centrifuge filter 

tubes (Nalgene) with a micropipette and centrifuged at 14,000 rpm for 20 s to separate 

the glass beads from the supernatant TBS.  The supernatant was extracted from the tube 
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via micropipette, the centrifuge filter was inverted and placed back into the microfuge 

tube, and the entire assembly was centrifuged again at 14,000 rpm for approximately 20 s 

to eject the collected beads from the filter and back into the tube.  The centrifuge filters 

used in this case were specifically designed to not filter to complete dryness.  As a result, 

some residual TBS was left with the reacted microspheres.  The amount of residual liquid 

was estimated to be less than 5 µL (refer to the calibration curve shown in Chapter 4, Fig. 

4.2), and so no attempt was made to compensate for its presence in the next stage of 

testing.  The other half of the sample set, designated “non-corroded”, was used without 

previously being reacted in TBS. 

 Both the pre-corroded and non-corroded sample sets were subsequently reacted in 

250 µL of denaturing, non-reducing LSB by boiling at 100°C for 1, 3, and 5 min. Refer 

to Appendix 1 for a description of the method used to prepare LSB.  All of the corrosion 

experiments were conducted in triplicate.  Following boiling, the samples were placed in 

an ice water bath for approximately 10 s to retard the corrosion process.  The samples 

were centrifuged at 14,000 rpm for 20 s to knock down liquid condensate and then a 200 

µL aliquot of the supernatant was extracted from each sample. The pH of the supernatant, 

which had previously been thermally equilibrated at 25.0°C, was measured with a KCl 

saturated calomel pH electrode (Beckman, FUTURA Semi Micro Electrode) that had 

been previously calibrated with pH 4, 7, and 10 reference solutions that were also 

thermally equilibrated at 25.0°C. 

 The glass microspheres that were reacted in boiling LSB for 5 min were 

recovered for study by SEM to visually assess the corrosion that was indirectly monitored 

by pH measurements of the supernatant.  The corroded microspheres were rinsed three 

times with deionized water and then rinsed with acetone to rapidly dehydrate the 

microspheres.  The samples were then placed in a drying oven overnight at 60°C. An 

Amray SEM was used to obtain micrographs of the reacted glass microsphere samples. 

 

SDS-PAGE and Silver Staining 

 

 After determining the pH of the samples, the three supernatant solutions from 

each time point were pooled into a single solution (i.e., 27 individual samples were 
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condensed to 9 pooled samples).  Samples for gel electrophoresis were then prepared by 

mixing a 10 µg·mL-1 HSA solution with the pooled supernatant solutions at a volumetric 

ratio of 1:9.  A control sample was also prepared by mixing the 10 µg·mL-1 HSA solution 

with as-prepared LSB at the same ratio of 1:9.  All solutions were allowed to The 

microfuge tubes containing the samples were then tightly capped and all ten samples 

were boiled for 5 min to ensure that the HSA was fully denatured.  Following boiling, the 

microfuge tubes were placed in a room temperature water bath for several minutes to cool 

the samples.  Finally, the samples were centrifuged for 30 s at 12,00 rpm to spin down 

any liquid condensate formed during the boiling step. 

Polyacrylamide gels (Invitrogen, NuPAGE Novex 10-12% Tris-Glycine Gels) 

were then loaded with 20 µL of sample solution so that each lane of the gel nominally 

contained 20 ng of HSA, and electrophoresis was conducted at a constant 100 V for 2 h.  

The gels were stained according to the standard protocol included with the silver staining 

kit (Invitrogen, SilverXpress Staining Kit).  Digital images of the stained gels were 

obtained with a flat-bed scanner (UMAX, Astra 1220U) and densitometric analysis of the 

bands was performed with NIH Image in conjunction with the included Gel Macro.  A 

flow-chart summarizing this portion of the experimental procedure is shown in Fig. 4.1. 

A second staining experiment was performed in which solutions of 10 µg·mL-1 

HSA, LSB reacted with 30-70 SS microspheres for 5 min, and neat LSB were mixed at 

volumetric ratios of 1:0:9, 1:8:1, 1:7:2, and 1:6:3.  SDS-PAGE and silver staining were 

performed on these samples as described previously.  The pH of the various mixtures at 

25°C was also determined using the KCl saturated calomel electrode. 

 

 

RESULTS 
 

 

 Figure 4.2 shows the pH of the LSB supernatant after 1, 3, and 5 min of exposure 

at 100°C to both the pre-corroded and non-corroded glass microspheres.  The initial pH 

of neat LSB at 25°C was 7.34.  The pH of all LSB samples increased over the 5 min time 

period, but the 30-70 SS glass microspheres exhibited the most severe corrosion 
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behavior.  No significant difference in the elevation of pH as a function of boiling time 

was observed between the 20-80 SS and 25-5-70 SLS glass microspheres.  Finally, the 

reaction of non-corroded glass microspheres with LSB caused a greater elevation in the 

pH of the LSB in every instance. 

 SEM images of the pre-corroded and non-corroded 30-70 SS, 20-80 SS, and 25-5-

70 SLS glass microspheres boiled in LSB for 5 min are shown in Figs. 4.3, 4.4, and 4.5, 

respectively. The 30-70 SS composition appears to be particularly susceptible to 

leaching, as exhibited by the formation of a silica-rich gel layer on the surface of the 

microsphere shown in Fig. 4.3 (a).  It should also be noted that the “craters” present on 

the surface of the microsphere in Fig. 4.3 (a) are actually internal pores that are initially 

present within the interior of the 30-70 SS samples and are subsequently revealed during 

dissolution.  The extent of attack on the non-corroded 30-70 SS microspheres shown in 

Fig. 4.3 (b) is greatly reduced in comparison to the pre-corroded 30-70 SS microspheres.  

However, the presence of a silica-rich gel surface is indirectly revealed by the 

circumferential cracks running across the microsphere surface.  In addition, the pitted 

areas from which the surface cracks radiate are the remnants of necking between the 

microspheres that occur during the dissolution and subsequent re-deposition of silica.  

The SEM images of the 20-80 SS and 25-5-70 SLS glass microspheres shown in Figs. 4.4 

and 4.5, respectively, indicate that the level of degradation is greatly reduced for these 

two compositions.  Figure 4.4 (a) does show evidence of necking behavior similar to that 

shown in Fig. 4.3 (b). 

 Figure 4.6 shows scanned images of the silver stained bands of HSA suspended in 

neat LSB (i.e., the control sample) and LSB supernatant taken from pre-corroded glass 

microsphere sample set.  The bands in Fig. 4.6 (a), corresponding to supernatant from the 

30-70 SS corrosion series, show a progressive reduction in staining intensity, while the 

20-80 SS and 25-5-70 SLS samples show no obvious signs of diminished staining.  This 

qualitative assessment is confirmed by the densitometric analysis results presented in Fig. 

4.7.  The normalized intensity, I/I0, of the  30-70 SS bands decreases with boiling time so 

that by 5 min, the intensity has decreased by nearly 75% in relation to the control.  Some 

fluctuation is observed in the 20-80 SS and 25-5-70 SLS bands as well.  However, the 

magnitude of the scatter is less than 5% in relation to the control. 
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 The results of the mixing experiment are shown in Fig. 4.8. In this case, the 

stained intensities have been normalized to the 1:0:9 band (i.e., the control sample 

consisting entirely of HSA in neat LSB).  The 1:8:1 and 1:7:2 samples, both of which 

possess nearly identical pH values of ≈8.15, were stained to produce bands of similar 

intensity.  The 1:6:3 sample had a slightly lower pH of 8.07 and the normalized intensity 

of the corresponding stained band increased in relation to the 1:8:1 and 1:7:2 samples. 

 

 

DISCUSSION 
 

 

 The simulated protein adsorption experiment consisted of two main steps: 

incubation at 37°C and elution at 100°C.  The pH measurements of the pre-corroded and 

non-corroded samples used as an indirect indicator of corrosion offer some insight into 

the leaching that occurs during the incubation and elution processes.  Those glass samples 

that were pre-corroded in TBS at 37°C for 1 h showed diminished leaching during 

boiling, which is useful from the perspective of using SDS-PAGE and silver staining to 

characterize protein adsorption to such surfaces.  However, despite the surface 

passivation provided by the corrosion that occurs during the initial incubation step, the 

leaching of the 30-70 SS glass samples during boiling was sufficient to raise the pH of 

the LSB supernatant to a value of over 8.  The HSA solutions that were prepared using 

the 30-70 SS leachate were also the only samples to display any significant evidence of 

reduced staining, and so it would seem that there is a connection between initial sample 

pH and the efficacy of the silver staining process. 

 As mentioned earlier, there are five main stages to a typical silver staining 

procedure: fixation, sensitization, staining, development, and stopping. In addition, 

numerous rinses with deionized water are employed between the sensitization and 

staining steps and the staining and development steps.    The most likely point of 

interference then is early within the silver staining process, since the extensive rinsing of 

the gels with water would tend to eliminate any sample-specific features over time due to 

diffusion of species in and out of the thin (1 mm in this case), porous polyacrylamide gel. 
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 The medium used to fix the gel was a mixture composed of 90 mL deionized 

water, 100 mL methanol, and 20 mL acetic acid.  It is possible that the elevated pH of the 

HSA samples prepared with LSB supernatant from the 30-70 SS corrosion tests offset the 

acidic medium and prevented complete fixation of the protein within the polyacrylamide 

gel.  Assuming the fixation step was not totally effective, protein initially present in the 

gel would be capable of diffusing out during the numerous steps that lead up to the image 

development process.  This diffusive loss would then reduce the final stained intensity of 

the protein band.  

 The importance of sample pH is supported by the mixing experiment summarized 

in Fig. 4.8.  If the presence of a specific interfering species such as excess Na+ or Si4+ 

ions (i.e., the only corrosion products generated by the 30-70 SS glass) were responsible 

for the apparent interference, then one would expect a difference between the 1:8:1 and 

1:7:2 samples, since the 1:8:1 sample contained 10% more of the LSB supernatant that 

had been reacted with the 30-70 SS glass microspheres.  Instead, the two samples stained 

to approximately the same intensity.  The pH values of the 1:8:1 and 1:7:2 samples  were 

nearly identical, though.  The 1:6:3 sample had a slightly lower pH, however, and as a 

consequence, the normalized staining intensity was increased.  This suggests that the pH 

of the LSB is the most important factor in determining the final intensity of the stained 

HSA band. 

 

 

CONCLUSIONS 
 

 

 The extent of protein adsorption onto glass surfaces may be successfully 

investigated using conventional SDS-PAGE, provided that the glass corrosion which 

accompanies the protein elution step is not too severe.  In particular, the leaching of Na+ 

ions from the glass causes an undesirable increase in the pH of the surrounding LSB 

matrix.  If the pH elevation is sufficiently large, the silver staining procedure used to 

visualize proteins can be negatively affected, and an apparent decrease in protein content 

is observed.  This effect is attributed to an interference occurring within the fixation stage 
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of the silver staining process.  The high pH of the LSB solution could neutralize the 

acidic soaking medium and prevent effective fixation of the gel.  As a result, proteins and 

other species within the polyacrylamide gel may diffuse out more readily, leading to loss 

of material and diminished staining.  

All three of the materials corroded to some degree during the simulated elution 

step, but two of the compositions, a 20 Na2O·80 SiO2 glass and a 25 Na2O·5 CaO·70 SiO2 

glass, were sufficiently durable that inhibition of staining was not observed.  The third 

composition, a 30 Na2O·70 SiO2 glass, underwent severe degradation during boiling, 

causing the pH of the LSB solution to increase from 7.34 to 8.26±0.32 in just 5 min.  

Subsequent imaging of HSA added to the corrosion supernatant showed a progressive 

decrease in the stained protein band intensity as the pH of the LSB increased.  

Replacement of the LSB that had been reacted with the 30-70 SS glass microspheres by 

neat LSB resulted in an increased sample pH and increased staining intensity. 
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Table 4.1.  Outline of the Silver Staining Method Used in This Study 

 

Step Purpose Reagents 

Fixation Immobilize proteins within gel and 

remove interfering species 

Acetic Acid and 

Alchohol 

Sensitization Increase the silver-binding capacity 

of proteins in polyacrylamide gel 

Glutaraldehyde 

Staining Bind silver to protein and create a 

latent image 

Silver and  

Ammonia 

Development Reduction of silver ions and growth 

of metallic silver colloids 

Formaldehyde 

Stopping Halt the development process Citric Acid 
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Figure 4.1.  Flow-chart of experimental procedure used to test the influence of glass 
corrosion on the reduction of silver staining intensity.

React ≈ 15 mg of glass microspheres

in 250 µL of TBS for 1 h at 37°C 

Separate glass  microspheres from 

TBS by centrifugal filtration 

Invert filter and recover reacted 

reacted glass microspheres 

Boil reacted glass microspheres 

in LSB for 5 min, briefly cool, 

 and centrifuge to recover condensate

Mix HSA standard with LSB from 

corrosion test at 1:9 ratio 

Perform standard one- 

dimensional SDS-PAGE 

Develop proteins within 

gel by silver staining 
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Figure 4.2.  The pH of Laemmli sample buffer after reaction with pre-corroded and non-
corroded glass microspheres for 1, 3, and 5 min.  The error bars represent twice the 
standard deviation and, when not visible, are within the area of the symbol.  Lines are 
added as guides to the eye. 
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(a) 

 

 
(b) 

 

Figure 4.3.  Secondary electron micrograph of (a) pre-corroded and (b) non-corroded 30-
70 SS glass microspheres boiled in LSB for 5 min. 
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(a) 

 

 
(b) 

 

Figure 4.4.  Secondary electron micrograph of (a) pre-corroded and (b) non-corroded 20-
80 SS glass microspheres boiled in LSB for 5 min. 
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(a) 

 
(b) 

 

Figure 4.5.  Secondary electron micrograph of (a) pre-corroded and (b) non-corroded 25-
5-70 SLS glass microspheres boiled in LSB for 5 min. 
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(b) 

 

 
(c) 

 

Figure 4.6.  Silver stained bands of HSA prepared using supernatant from glass corrosion 
tests: (a) 30-70 SS, (b) 20-80 SS, and (c) 25-5-70 SLS.  The identities of the stained 
bands are, from left to right, the control, 1 min boil, 3 min boil, and 5 min boil.  Each 
band nominally contains 20 ng of HSA. 
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Figure 4.7.  Ratio of stained band intensity, I/I0, as a function of boiling time, where I0 is 
the intensity of the control sample containing 20 ng HSA in neat LSB. 
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Figure 4.8.  (a) Ratio of stained band intensity, I/I0, of various mixed ratios of 10 µg·mL-1 
HSA in neat LSB, LSB that was reacted with 30-70 SS microspheres for 5 min, and neat 
LSB (I0 is the intensity of the 1:0:9 band).  The pH values of the mixed ratio HSA 
solutions are also shown.  Lines are added as guides to the eye. (b) Silver stained bands 
of the mixed ratio HSA solutions, with identifying labels located below the 
corresponding stained band. 
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Chapter 5:  Adsorption of Albumin onto Simple 
Multi-Component Glass Microspheres 
 
 
 
“It just so happened that at this point Dr. Moolten, upon seeing an opened box of glass 
wool in a neighboring laboratory, stopped, stared, and said to me: ‘that’s it; maximum 
surface.’” 
 
– Leo Vroman, Blood 
 
 
 

SUMMARY 
 

 

The adsorption of human serum albumin (HSA) from tris-buffered saline onto 

soda lime silicate (SLS) and sodium aluminosilicate (SAS) glass microspheres was 

studied using sodium dodecylsulfate-polyacrylamide gel electrophoresis in conjunction 

with silver staining.  A definitive interpretation of the protein adsorption results has been 

complicated by several factors, all stemming from the aqueous dissolution of the glass 

microspheres.  Nevertheless, a common trend was observed in HSA adsorption to SLS 

and SAS glass microspheres.  The substitution of CaO and Al2O3 for Na2O in glasses 

containing a constant 70 and 80 mol% SiO2 caused an observable increase in the protein 

adsorption.  The HSA adsorption capacity of the SAS and SLS glasses containing 60 

mol% SiO2 abruptly decreased, however.  The initial increase in HSA adsorption is 

attributed to the electrostatic attraction that develops between the negatively charged 

HSA molecule and positively charged Ca2+ and Al3+ surface sites.  The subsequent 

decrease in HSA adsorption to glasses containing 60 mol% SiO2 may be due to 

conformational distortions of adsorbed HSA which reduce the total accessible area for 

adsorption through steric hindrance. 
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INTRODUCTION 
 

 

 The adsorption of proteins to glass surfaces is a phenomenon of practical 

importance.  Radin et al. and Lobel and  Hench have shown that the presence of protein 

in the surrounding buffer medium can have a profound influence on the in vitro reaction 

kinetics of bioactive glasses.1,2  The glasses typically employed in protein adsorption 

studies tend to  fall into two compositional categories: 1) fused silica, often in colloidal 

form, or 2) complex multi-component commercial glasses (borosilicate or soda lime 

silicate glass microscope slides are common).  No reported attempt has been made to 

investigate the effect of systematic variations in glass composition on the adsorption 

behavior of proteins. 

 Human serum albumin  (HSA) has been chosen as a model protein for this study 

for several reasons.  HSA is commonly employed in adsorption studies, and so a wealth 

of information is available on HSA adsorption to other materials.  Secondly, HSA is a 

physiologically relevant protein since it is a major component of human plasma.3  Figure 

5.2  shows a ribbon representation of the HSA structure as determined by He and Carter.4  

To a first approximation, the protein is alternately described as heart-shaped or as an 

equilateral triangle with side dimensions of about 80 Å and a depth of about 30 Å. 

 The glasses used for this study were in the form of glass microspheres ranging in 

diameter from approximately 50-250 µm.  Figure 5.1 shows an SEM image of 

microspheres fabricated from a 20 Na2O·10 CaO·70 SiO2 glass.  The initial motivation 

for using glass microspheres was to provide samples that were at least moderately 

durable while having sufficient surface area to adsorb a measurable quantity of proteins.  

Nevertheless, the specific surface of the glass microspheres was not large, ranging 

between approximately 100-200 cm2·g-1, and  so a sensitive assay was needed.  Sodium 

dodecylsulfate-polyacrylamide gel electrophoresis (SDS-PAGE) was chosen for this 

purpose. 

 The usual intent in  performing SDS-PAGE is to resolve protein mixtures into 

individual bands on the basis of molecular weight.  In this case, SDS-PAGE has been 

used to analyze a single protein, HSA.  The polyacrylamide gel merely acts as a 
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convenient storage medium so that the protein may subsequently be visualized using a 

silver staining process that is analogous to the development of photographic film.   

Chapter 2 contains a more thorough discussion of SDS-PAGE and its application to the 

study of protein adsorption. 

 

 

EXPERIMENTAL 
 

 

Sample Preparation 

 

 An in-depth discussion of the methods used to produce the silicate glass 

microspheres used in this study was provided in Chapter 3.  Protein solutions containing 

0.05 mg·mL-1 HSA were prepared by weighing out lyophilized HSA of approximately 

99% purity (Sigma, Catalog No. A-8763) into a plastic vial and then adding an 

appropriate amount of Tris-Buffered Saline (TBS) that had previously been equilibrated 

at 37°C.  Aliquots of the HSA solution were then divided among Nalgene cryogenic 

tubes for storage in a freezer until use. 

 

Corrosion Testing 

 

 The corrosion of the glass microspheres was indirectly followed by pH 

measurements of the surrounding liquid medium at time points of 30, 60, 90, and 120 

min.  Corrosion samples were prepared by weighing between 50-60 mg of glass 

microspheres of each composition into 1.5 mL plastic microfuge tubes.  The exact mass 

of microspheres was recorded in milligrams to the first decimal place.  Next, 500 µL of 

TBS solution that had previously been equilibrated at 37°C was added to the glass 

microspheres and then the samples were then placed into an incubator at 37°C. Individual 

sets of samples were prepared for each time point, and all tests were conducted in 

triplicate (i.e., 3 samples for the 30 min point, 3 samples for the 60 min point, etc.).  Once 

a sample set had reacted for the designated period of time, 200 µL aliquots of the TBS 
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supernatant were removed and transferred to a new microfuge tube.  This sample was 

then placed in a water bath at 25°C for about 30 min.  The pH of the TBS supernatant 

samples equilibrated at 25°C was then measured using a saturated calomel electrode.  

The pH electrode was previously calibrated using pH 4, 7, and 10 standards that were 

also equilibrated at 25°C. 

 The glass microspheres that were reacted in TBS for 30 and 60 min were 

recovered for analysis by diffuse reflectance infrared Fourier transform spectroscopy 

(DRIFTS).  The microspheres were washed three times with deionized water, pooled into 

a single microfuge tube via pipetting, and then rinsed with acetone to arrest glass 

corrosion.  Excess acetone was removed and the samples were placed in a drying oven at 

70°C.  DRIFTS was performed using a Nicolet Nexus 870 spectrometer equipped with a 

Spectratech Diffuse Reflectance accessory and a liquid nitrogen cooled MCT detector.  

Prior to collecting spectra, a zero air generator was used to purge the sample chamber for 

15 min to reduce the  water and carbon dioxide content of the atmosphere inside the 

spectrometer chamber.  Spectra were acquired over a range of 650-4000 cm-1 using 100 

scans at a resolution 4 cm-1, an aperture setting of 30%, and a mirror velocity of 1.8898 

cm·s-1.  A background spectrum was collected using an aluminum mirror.  DRIFT 

samples consisted of approximately 15 mg of glass microspheres that completely filled 

the hemispherical cavity of a sample cup when loosely packed and smoothed with a 

spatula to produce a level surface. 

 

Protein Adsorption 

 

 Between 50-60 mg of glass microspheres from each composition (with the 

exception of the 30-70 SS sample – see Chapter 4) were weighed into microfuge tubes.  

Next, 500 µL of TBS solution containing 0.05 mg·mL-1 HSA was added to the glass 

microspheres.  The HSA solution had previously been equilibrated at 37°C before use.  

The samples were then placed in a shaking incubator at 37°C and 1.5 Hz. 

After 1 h, the samples were removed from the incubator and 400 µL of the 

supernatant was removed, taking care not to accidentally extract any of the glass 

microspheres.  A series of rinsing steps were then used to  elute any loosely bound HSA 
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from the glass microsphere surface and to dilute any unadsorbed HSA in solution to a 

level that would be undetectable by SDS-PAGE in conjunction with silver staining.  First, 

1 mL of 37°C TBS was added to the samples, which were then briefly agitated for 1-2 s 

using a touch mixer.  The samples were centrifuged at 14,000 rpm for  approximately 15 

s to pellet the glass microspheres.  Next, 1 mL of the supernatant was extracted and then 

another 1 mL of neat TBS was added.  The samples were subjected to an additional three 

washes so that the samples were rinsed a total of four times.  Samples of the rinse 

supernatant following centrifugation were saved for analysis by SDS-PAGE. 

Following rinsing, the glass microspheres were transferred to in-tube centrifuge 

filters via micropipette using a 1 mL pipette tip.  This pipette tip size was found to be 

necessary in order to avoid clogging problems that were experienced with smaller tip 

sizes, particularly when trying to dispense the microspheres into the centrifuge filters.  

The samples were then filtered from the TBS supernatant by centrifuging at 14,000 rpm 

for approximately 15 s.    The filter package was then removed from the associated 

microfuge tube and any liquid left clinging to the filter was wicked off using a clean 

Kimwipe.  The TBS supernatant, now contained in the microfuge tube, was extracted 

using a micropipette and discarded.  The filter package was inverted and re-inserted into 

the newly dried microfuge tube and the entire assembly was centrifuged once again at 

14,000 rpm for approximately 15 s.  This was a sufficient time to fully eject all of the 

glass microspheres off of the filter and into the bottom of the microfuge tube, as 

determined by optical microscopy of the filter. 

The filter was removed from the microfuge tube and 250 µL of Laemmli Sample 

Buffer (LSB) was added on top of  the glass microspheres.  The samples were then boiled 

in a water bath for 5 min to elute any adsorbed proteins.  Following 5 min of boiling, the 

microfuge tubes were placed in an ice water bath for approximately 10 s to arrest any 

corrosion of the glass microspheres and to lower the vapor pressure of the LSB.  The 

cooled samples were then centrifuged at 14,000 rpm for approximately 15 s to collect 

liquid condensate.  A 100 µL aliquot of the HSA-containing LSB eluate was taken from 

the microfuge tube as a sample for analysis by SDS-PAGE. 

The centrifuge filters used in this study were specifically designed to not allow 

full dehydration of the filtrate and, as a result, some liquid was retained.  The volume of 



 129

this residual liquid was estimated by pipetting 10, 15, 20, and 25 µL of 37°C TBS into 

1.5 mL microfuge tubes.  The initial masses of the microfuge tubes containing the various 

amounts TBS were immediately recorded.  The tubes were then placed in a drying oven 

at 60°C overnight to evaporate the fluid and the mass loss was determined.  A dummy set 

of samples were then subjected to a simulated adsorption in which ≈50 mg of glass 

microspheres were reacted with TBS at 37°C for 1 h, rinsed, filtered, and then recovered 

using the normal procedure.  The initial masses of the microfuge tubes containing glass 

microspheres plus residual buffer solution were measured.  The samples were then 

similarly dried at 60°C overnight and the mass losses were recorded.  All standard and 

sample measurements were conducted in triplicate. 

 

SDS-PAGE 

 

 SDS-PAGE of the LSB eluate was performed using a Novex Mini-Cell 

electrophoresis system connected to a power supply (E-C Apparatus Corporation, Model 

EC4000P).  Tris-glycine polyacrylamide gel cartridges purchased from Invitrogen were 

employed.  HSA dissolved in LSB at concentrations ranging between 0.2-1.5 µg·mL-1 

were used as internal calibration standards.  Electrophoresis was conducted at a constant 

100 V for 2 h.  The gel was then developed using a SilverXpress staining kit (Invitrogen) 

according to the manufacturer’s instructions.  The resulting gel was digitally scanned and 

converted to a grayscale image.  The protein bands were then analyzed using the Gel 

Plotting Macro included with the NIH Image freeware program. 

 

 

RESULTS 
 

 

Corrosion Testing: pH Results 

 

 The results of the glass microsphere corrosion tests are compiled in Table 5.1, and 

can be broadly divided into three general categories.  The 20-80 SS, 30-70 SS, and 25-5-
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70 SLS microspheres corroded to the greatest extent on the basis of pH measurements of 

the TBS supernatant.  By 120 min, the pH of the corrosion medium exceeded a value of 

8.  The second category of glasses, comprised of the 15-5-80 SLS, 25-5-70 SAS, 20-10-

70 SLS, 25-15-60 SLS, and 20-20-60 SLS compositions, all exhibited some amount of 

leaching on the basis of pH measurements, but the pH value of the TBS supernatant did 

not exceed a value of 8 by 120 min of reaction.  The final group of glass microspheres, 

consisting of the 15-5-80 SAS, 20-10-70 SAS, 15-15-70 SAS, 15-15-70 SAS, 15-15-70 

SLS, 25-15-60 SAS, and 20-20-60 SAS samples, showed no significant amount of 

corrosion within the experimental error of the measurement, with respect to the initial pH 

of the TBS at 25°C, which was 7.58±0.02.  Stated simply, over one-half of the samples 

studied here exhibited measurable signs of leaching (by a simple pH measurement) when 

reacted with a buffered solution at 37°C for just 30 min.  It should also be noted that the 

20-80 SS, 30-70 SS, and 25-5-70 SLS compositions previously mentioned as belonging 

to “Category 1” are those same glass microspheres selected for study in Chapter 3, in 

which the effect of glass corrosion on protein silver staining was investigated.  The 30-70 

SS composition produced a pseudo-negative staining effect attributed to interference with 

the fixation step of the silver staining process.  However, despite the measurable 

corrosion of the 20-80 SS and 25-5-70 SLS glass microspheres, no significant reduction 

was observed in the stained intensity of HSA that had been mixed with the leachate 

solution in relation to a HSA standard.  It has therefore been assumed that the remaining 

family of glass compositions, all of which reacted with the TBS medium to a lesser 

degree than the 20-80 SS and 25-5-70 SLS samples, had no effect on the efficacy of the 

silver staining method used to visualize eluted proteins that were studied by SDS-PAGE. 

 

Corrosion Testing: DRIFTS Results 

 

 The DRIFT spectra (converted to the absorption format) of the fourteen glass 

microsphere compositions reacted for 0 min, 30 min, and 60 min in TBS at 37°C are 

shown in Figures 5.4-5.17.  Given the short reaction time, it was not surprising to find 

that the more durable glasses displayed only minor changes in the absorption bands 

located in the region between 650-1200 cm-1 (there are further structural bands of interest 
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at lower wavenumbers, but 650 cm-1 is the practical cut-off limit for the MCT detector 

employed here).  Jedlicka and Clare showed that the calculation of difference spectra is 

an especially sensitive method for revealing minute changes in spectral bands associated 

with glass corrosion.5  Flat, monlithic samples were employed in the aforementioned 

study, however, whereas glass microspheres were analyzed in this experiment.  Diffuse 

reflectance spectra can vary greatly depending on the packing of particulate material 

within the sample cell,6 and so it was felt that the use of difference spectra would not be 

particularly reliable in this case.  Instead, the spectra were smoothed and the second 

derivative of the absorption spectra region between 650-1200 cm-1 was calculated.  The 

use of second derivative spectra is an alternate approach for clarifying highly convoluted 

absorption bands.  Figure 5.18 demonstrates one such situation, where two bands have 

been added to give a single, nearly symmetric band.  By taking the second derivative of 

this convoluted band, the asymmetry is accentuated and reveals the presence of two 

absorption bands. 

A summary of the relevant absorption bands is compiled in Table 5.2.  Dunken 

and Doremus proposed that the hydroxyl region between 2700-3750 cm-1 can be divided 

into the three primary zones.7  Absorption bands between 2700-3000 cm-1 corresponded 

to hydroxyl groups interacting with neighboring modifier cations (e.g., Na+ and Ca2+) via 

hydrogen bonding.  The second region between 3200-3500 cm-1 was attributed to 

hydroxyl groups that were hydrogen bonded to adsorbed molecular water.  Various 

silanol (Si-OH) arrangements were connected to absorption bands observed in the third 

region between 3500-3750 cm-1.  For the purpose of further discussions, the 2700-3000 

cm-1, 3200-3500 cm-1, and 3500-3750 cm-1 regions will be referred to as the OH1, OH2, 

and OH3 absorption bands. 

Various authors have used infrared reflection techniques to characterize the 

surfaces of glasses corroded in aqueous solutions.5,7-12 Throughout the course of such 

studies, five absorption bands located in the region between 650-1200 cm-1 that are 

associated with structural units within the glasses are typically discussed.  The 

antisymmetric Si-O-Si band (also referred to as the s band), found between 1000-1100 

cm-1, is an indicator of  the connectivity of the silicon–oxygen network.  The addition of 

modifier cations to silicate glasses results in  the appearance of a Si-O-···M stretching 
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band (also referred to as the ns band), where M is a monovalent or divalent modifier 

cation.  Upon corrosion of the glass surface, several important trends are typically 

observed.  The s band shifts to higher wavenumbers and may diminish in intensity with  a 

simultaneous shift in the ns band to lower wavenumbers.  In addition, the s band may 

broaden in the region between 1100-1200 cm-1 as a shoulder band grows.  This shoulder 

band has been attributed to the formation of an altered, silica-rich surface layer.8  As the 

leaching and depolymerization of the glass surface progresses, an absorption band 

associated with the Si-OH stretch appears between 850-900 cm-1.  Finally, a symmetric 

Si-O-Si stretching band located between 750-850 cm-1 can also be used to monitor 

depolymerization of the glass network. 

In an attempt to explain the shifting of the structural bands during corrosion, 

MacDonald et al. performed dispersion analysis of the infrared reflection spectra from 

alkali silicate glasses that were reacted in deionized water for various times.13  The 

authors concluded that the positions of the peaks actually remain unchanged during the 

corrosion process.  Instead, changes in the areas of the stationary peaks were correlated to 

the growth or reduction of structural features within the glass surface.  The sum of these 

fluctuating peaks into a single spectrum resulted in apparent shifting. 

For the purposes of presentation, the individual DRIFTS results will be organized 

into three groups on the basis of nominal silica content – 60, 70, and 80 mol % SiO2.  

Figures 5.4-5.6 show the DRIFT spectra for the 20-80 SS, 15-5-80 SAS, and 15-5-80 

SLS glass microspheres.  All three hydroxyl regions of the 20-80 SS glass grew in 

intensity during the corrosion process, whereas the OH2 region predominantly increased 

in the 15-5-80 SAS and 15-5-80 SLS glasses.  The absorption spectra for the 20-80 SS, 

15-5-80 SAS, and 15-5-80 SLS glasses also exhibit obvious differences in the region 

between 650-1200 cm-1 when comparing the unreacted and reacted samples.   

The second derivative spectrum of the 20-80 SS glasses reveals several changes in 

signature regions.  The peak located at the right-hand shoulder (≈1070 cm-1) of the large 

minimum sharpens and shifts to higher wavenumbers.  This is attributed to changes in the 

s band, indicating that the Si-O-Si network is depolymerizing.  The band initially located 

at ≈980 cm-1, ascribed to the ns band, is also observed to shift away from the s band to 

lower wavenumbers: a further indication of leaching.  The evolution  of the second 
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derivative spectrum for the 15-5-80 SAS glass microspheres is quite confusing and 

difficult to interpret.  However, one feature of interest is the growth of a band between 

1180-1200 cm-1, which suggests the formation of an altered surface layer.  The second 

derivative spectrum of the 15-5-80 SLS glass microspheres also exhibit the growth of a 

band, this time between 1270-1280 cm-1.  In addition, the minimum initially located at 

1300 cm-1 is observed to shift to lower wavenumbers and the two peaks situated to the 

right of this minimum are observed to sharpen.  This behavior suggests an alteration of 

the Si-O-···M absorption band.  The asymmetry of the minimum positioned at 810 cm-1 

was found to change significantly upon increasing reaction time, becoming increasingly 

broad and shallow.  This could indicate the formation of Si-OH groups within the glass 

surface, as supported by the growth of absorption bands in the OH2 region. 

The 30-70 SS glass microspheres displayed significant changes in the first 30 min 

of  reaction time, as shown in Figure 5.7.  The region between 1160-1200 cm-1 indicates 

the formation of a surface layer and the peak associated with the s band shifts to higher 

wavenumbers.  Substantial changes in entire region between 800-950 cm-1 also reveal 

that the surface of the 30-70 SS microspheres was heavily transformed.  Note that the pH 

of TBS solution reacted with 30-70 SS glass microspheres exhibited the greatest change, 

supporting the dramatic reconstruction of the glass observed by DRIFTS.  The 25-5-70 

SAS spectra shown in Figure 5.8 indicate the growth of hydroxyl absorption bands, 

primarily in the OH1 region.  The s band in the second derivative spectrum was found to 

shift to the left and the minimum located at 980 cm-1 was displaced slightly to lower 

wavenumbers, indicating leaching of the surface.  In addition, the asymmetry of the 

minimum at 810 cm-1 broadens to higher wavenumbers, which supports the formation of 

Si-OH groups during the leaching of Na+ from the glass surface.  The second derivative 

spectra of the 20-10-70 SAS glass microspheres, shown in Figure 5.9, exhibited behavior 

that was similar to the 25-5-70 SAS sample, but with the addition of a visible change in 

the region between 1160-1200 cm-1, which suggests the formation of an altered surface 

layer.  The DRIFTS spectra of the 15-15-70 SAS glass microspheres, shown in Figure 

5.10, exhibit comparatively little change with reaction time.  A slight shift in the s band 

and the growth of a band between 1140-1180 cm-1 are observed.  In addition, the peak 
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located at approximately 870 cm-1 broadens to higher wavenumbers, possibly due to the 

formation of Si-OH groups.   

The SLS glasses containing 70 mol% SiO2 (i.e., 25-5-70 SLS, 20-10-70 SLS, and 

15-15-70 SLS) all exhibit similar characteristic features of the corrosion process.  The 

DRIFT spectra of the 70 mol% SLS glass microspheres, shown in Figures 5.11-5.13, all 

exhibit changes in the region between 1160-1200 cm-1, suggesting that an altered surface 

layer has formed.  The s band also shifted to higher wavenumbers in the 25-5-70 SLS and 

20-10-70 SLS spectra.  The deep minimum located at about 1170 cm-1 became more 

shallow with increasing reaction time, which corresponds to changes in the s band 

associated with the Si-O-Si network. 

The DRIFTS spectra of the 25-15-60 SAS and 20-20-60 SAS glass microspheres, 

shown in Figures 5.14 and 5.15, respectively, exhibit only minor changes in their second 

derivative spectra as a function of reaction time.  The magnitude of the peak located at 

about 810 cm-1 in the second derivative spectra of the 25-15-60 SAS glass is observed to 

diminish with reaction time, indicating changes in surface hydroxylation.  Interestingly, 

two distinct maxima are observed in the second derivative spectra of the 20-20-60 SAS 

glass microspheres in the region between 800-900 cm-1.  These maxima appear to grow 

together after 30 min of reaction time. 

The second derivative spectra of the 25-15-60 SLS glass microspheres, shown in 

Figure 5.16, display significant changes in the region between 1060-1160 cm-1.  This 

suggests that some depolymerization of the glass network has occurred and that an 

altered surface layer has formed.  In addition, the broad peak initially located at 

approximately 1000 cm-1, possibly the ns band, shifted to lower wavenumbers as reaction 

time increased..  The 20-20-60 SLS glass microspheres exhibited little change in the 

second derivative spectra, as shown in Figure 5.17.  A small change in the asymmetry of 

the s band can be observed, along with a slight broadening of the peak at 840 cm-1, which 

is attributed to the formation of Si-OH groups. 
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Protein Adsorption 

 

 The efficacy of the simple four-step rinsing procedure is demonstrated in Fig 

5.19, which shows the results of an SDS-PAGE analysis of the samples collected from 

each of the four rinses used to wash the 20-10-70 SAS and 20-10-70 SLS glass 

microspheres.  The first rinse from both samples contained readily detectable levels of 

HSA.  Samples from the subsequent rinses of both the 20-10-70 SAS and 20-10-70 SLS 

compositions displayed no evidence of HSA within the detection limits of the silver stain, 

which is on the order of 0.5 ng.  It should be noted that the rinse samples were mixed 

with LSB at a volumetric ratio of 1:1, effectively reducing the concentration of any free 

HSA in the rinses by half.  This mixing step was necessary to increase the density of the 

rinse supernatant (courtesy of the glycerol in the LSB) so that the solutions would readily 

load into the sample wells of the polyacrylamide gel without spillover.   

In addition, the importance of using quick pulses (1-2 s) to agitate the samples 

during rinsing is demonstrated in Figure 5.20.  A brief experiment was performed in 

which five samples of the 15-15-70 SLS glass composition were incubated according to 

the established protocol.  Following completion of the fourth rinse, the samples were 

agitated on a touch mixer for 0, 60, and 120 s.  Samples of the TBS supernatant were then 

collected for analysis by SDS-PAGE.  Figure 5.20 shows a scanned image of the samples 

that were prepared by mixing the 60 and 120 s supernatant solutions with neat LSB at a 

volumetric ratio of 1:1.  The picture appears somewhat grainy due to the image 

manipulation that has been used to emphasize the stained protein bands which were 

initially quite faint. The first lane, which corresponds to the unagitated control sample, 

does not exhibit the presence of HSA, as would be expected from the rinsing results 

shown in Figure 5.19.  However, after 60 s of agitation, a faint band appears, suggesting 

that adsorbed protein has been removed from the surface of the glass microspheres.  The 

band does not appear to change significantly in intensity after 120 s of agitation.  The 

bound HSA was most likely removed through the intense scouring forces generated by 

inter-bead contact.  

 The calibration plot used to estimate the amount of buffer solution retained by 50 

mg of glass microspheres is shown in Fig. 5.21.  Approximately 5 µL of liquid remained 
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following the centrifuge filtering process.  Since the nominal volume of LSB used to 

elute proteins is 250 µL, this represents an error of ≈2% in estimating the final volume of 

the solution. 

 Figure 5.22 shows an example of the stained protein bands employed to quantify 

the protein content of the LSB used to elute adsorbed HSA from the surfaces of the glass 

microspheres.  The first four bands on the left of the scanned image correspond to LSB 

solutions containing known quantities of HSA.  The protein content of the standard 

increases as the stained band becomes progressively darker.  These HSA standards were 

utilized for every SDS-PAGE experiment as internal calibration standards.  It was 

necessary to use the internal calibration standards with every gel due to silver staining 

variations that occurred among the gels.  The last six bands correspond to HSA that was 

desorbed from 20-20-60 SAS and 20-20-60 SLS glass microspheres, respectively.  The 

bands are all of a comparable intensity to the calibration standard containing the lowest 

concentration of HSA.  This demonstrates the need for a particularly sensitive test, given 

the low levels of HSA that were recovered from the glass microspheres. 

 The calculated average HSA adsorption capacities of the glass microspheres are 

compiled in Table 5.3.  The lower error value is equal to twice the standard deviation and 

the upper error value is equal to twice the standard deviation plus a 2% correction factor 

for the possible underestimation of the LSB eluate volume.  The HSA adsorption capacity 

of the 20-80 SS glass microspheres is reported as 0.00 mg·m-2.  Silver staining of the 20-

80 SS eluate solution revealed a very faint band that fell well below the intensity range of 

the HSA calibration standards.  The lowest concentration of HSA used as a calibration 

standard was 0.2 µg·mL-1.  Since 20 µL of solution was loaded into the sample wells of 

the polyacrylamide gels used for SDS-PAGE, the 0.2 µg·mL-1 standard corresponded to 4 

ng of HSA.  Assuming that silver staining can detect a minimum of 0.5 ng of HSA, the 

protein content of the faint band observed for the 20-80 SS sample is about one order of 

magnitude less than the 0.2 µg·mL-1 calibration standard.  The lowest non-zero HSA 

adsorption capacities (i.e., 0.04 mg·m-2) were calculated from protein bands that were of 

similar intensity to the 0.2 µg·mL-1 HSA standard, and so the HSA adsorption capacity of 

the 20-80 SS glass microspheres is estimated to be one order of magnitude lower.  The 
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adsorption capacity of the 20-80 SS glass microspheres has therefore been estimated as 

0.00 mg·m-2. 

 Figures 5.23 (a) and (b) show the HSA adsorption capacity of the SAS and SLS 

glass microspheres as a function of the CaO and Al2O3 content.  The solid lines connect 

glasses with equimolar SiO2 content.  The HSA adsorption capacity of the SAS glass 

microspheres increased as the mol% of Al2O3 substituted into glasses containing 70 and 

80 mol% SiO2 increased.  An abrupt decrease in the HSA adsorption capacity was 

observed for SAS glass microspheres containing 60 mol% SiO2.  The 25-15-60 SAS and 

20-20-60 glass microspheres adsorbed approximately the same amount of HSA.  The 

SLS glass microspheres exhibited a trend that is similar to the SAS glass microspheres.  

The HSA adsorption capacity increased with increasing substitution of CaO into the 

glasses containing 70 and 80 mol% SiO2, while the adsorption capacity of the SLS 

glasses containing 60 mol% SiO2 significantly decreased.  In addition, the 20-20-60 SLS 

composition adsorbed slightly less HSA than the 25-15-60 SLS glass. 

 It is also interesting to note that the SAS and SLS glasses containing 60 mol% 

SiO2 and 80 mol% SiO2 displayed similar HSA adsorption.  However, a significant 

difference was observed between the SAS and SLS series of compositions with 70 mol% 

SiO2.  The 25-5-70 SLS, 20-10-70 SLS, and 15-15-70 SLS glass microspheres all 

adsorbed greater quantities of HSA than the corresponding SAS glass microspheres. 

 

 

DISCUSSION 
 

 

 The pH measurements used to indirectly monitor the corrosion of the glass 

microspheres in aqueous solution are in general agreement with commonly held views 

regarding the effect of glass network modifiers and intermediates on the structure of 

silicate glasses.  The binary sodium silicate glasses (20-80 SS and 30-70 SS) exhibited 

the greatest indication of leaching.  As Na2O is introduced into the glass structure, 

bridging oxygens (BO) are disrupted and non-bridging oxygens (NBO) are formed. Two 

NBO are created for every formula unit of Na2O that is added (i.e., one NBO for every 
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Na+).  The addition of NBO decreases the connectivity of the Si-O-Si network, thereby 

degrading the chemical durability of the glass. 

 The substitution of Al2O3 for Na2O results in an immediate reduction in the 

tendency of the glass microspheres to leach Na+ ions into solution.  This observation may 

be understood on the basis of the role played by Al3+ in the glass network.  When Al3+ 

enters the glass, AlO4
- tetrahedra are formed.  Due to the net negative charge of the 

tetrahedral AlO4
- units, Na+ ions are thought to associate with the aluminate species to 

achieve charge compensation.  As Na2O is replaced with Al2O3, the fraction of NBO in 

the glass network is reduced in two ways: 1) The relative percentage of Na2O in the glass 

is reduced and 2) The addition of one Al3+ ion results in the formation of one BO (or 

perhaps more correctly, one NBO is consumed) due to the complex that is formed 

between an AlO4
- tetrahedral unit and a Na+ ion.  The creation of BO increases the 

connectivity of the glass network and subsequently improves the chemical durability.  In 

addition, Smets and Lommen have shown that Na+ ions associated with the AlO4
- 

tetrahedra are less prone to leaching than Na+ ions in the vicinity of NBO.14 

 A discussion of the substitution of CaO for Na2O does not follow the same line of 

reasoning as the replacement of Na2O by Al2O3, since the introduction of a formula unit 

of CaO into the glass also results in the formation of two NBO.  Instead, it is the nature of 

the NBO that are formed by the substitution of CaO that is important.  The interaction 

strength of the Si-O-···Ca2+ bond is significantly greater than the Si-O-···Na+ bond due to 

the field strength of the Ca2+ ion. As a result, it is more difficult to leach the immobile 

Ca2+ ions from the glass and chemical durability is improved.  In addition, the presence 

of Ca2+ ions inhibits the leaching of Na+ ions, possibly due to a blocking mechanism. 

 A discussion of the protein adsorption results is complicated by two factors.  First, 

the initial state of the glass microsphere surface is unknown.  Barna  et al. have shown 

that the flame spraying process used to produce glass microspheres can substantially alter 

the glass surface.15  Comparative chemical durability tests were performed on crushed 

glass frit and glass microspheres obtained by flame spraying.  Analysis of the leachate 

solutions revealed that the glass microspheres released less Na+ and K+ ions into solution, 

suggesting that Na and K volatilized from the surface of the microspheres during flame 

spraying.  This is not surprising since the flame spraying method used to make glass 
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microspheres is simply an alternate form of the fire polishing process that is commonly 

used by the glass industry to improve the chemical durability of glass surfaces.16  It 

should be noted, however, that the glass microspheres were annealed at their respective 

glass transition temperatures for 2 h.  This annealing step was primarily performed to 

remove stresses that may have been induced during the manufacturing process.  It is 

possible that sodium replenishment of the glass microsphere surfaces also occurred 

during annealing, thereby reducing or eliminating the effects of the flame spraying 

process. 

 Of course, the foregoing discussion could be unimportant in light of the second 

complication.  All of the glass microspheres demonstrated varying degrees of reaction 

with the TBS solution, as revealed by pH measurements of the supernatant solution and 

DRIFT analysis of the microspheres.  The dissolution of the glass microspheres has 

several important consequences from the standpoint of analyzing the protein adsorption 

results.  Aqueous corrosion of the glass causes an irrevocable change of the surface 

composition, particularly in alkali content.  Furthermore, the alkali which leaches from 

the glass does not simply disappear.  Instead, it enters the liquid phase and immediately 

changes two parameters that are commonly known to influence protein adsorption – ionic 

strength and pH.  While the exact composition of the altered surface layers is not known, 

Hench has shown that SLS glasses tend to form alkali-depleted surface layers that are 

essentially hydrated calcium silicate gels.17  Similarly, Hamilton and Pantano 

demonstrated that SAS glasses can retain Al3+ and Si4+ at the surface following exposure 

to aqueous solutions.9 

The altered surface layers that may form during the glass dissolution process 

present a further complication.  The protein adsorption capacity of the glass microspheres 

has been determined by normalizing the protein content of the LSB eluate to the surface 

area of the corresponding glass microspheres in the uncorroded state.  The specific 

surface area was initially calculated on the assumption that the glass microspheres were 

perfectly spherical, but as the microspheres react with the surrounding solution, the 

surface may roughen and become porous.  The altered layer would nominally increase the 

surface area of the microspheres, resulting in an overestimation of the HSA adsorption 

capacity.  However, past studies have shown that the morphology of the silica gel that 
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develops during aqueous corrosion is typically microporous (i.e., pores on the order of 20 

Å in diameter).18  Given the size of such pores, the diffusion of proteins into the gel 

would be greatly hampered, if not completely inhibited.19 

Assuming that Ca2+ and Al3+ are retained at the surface of the glass microspheres 

during the corrosion process, the HSA adsorption results may initially be discussed in 

terms of an electrostatic interaction.  The isoelectric point of HSA is approximately 4.7, 

and so the HSA molecule possesses a net negative charge at neutral pH levels.20  This net 

negative charge arises because of the dissociation of carboxylic acid groups distributed 

throughout the structure of HSA.21  It can therefore be predicted HSA would tend to be 

attracted to surfaces containing positive charges.  Carre et al. proposed a model to predict 

the point of zero charge (PZC) of a glass strictly on the basis of its composition.22  The 

model begins by assigning individual PZC values to individual metal oxides on the basis 

of their ionization potentials, IP, according to the expression 

 pH0 (IP) =12.22 − 0.89× IP      (5.1) 

An additive relationship of the following form was proposed 

 

  pH0 = si × pH0 (IP)i
i
∑       (5.2) 

 

where pH0 is the predicted PZC and si is the surface concentration of the ith metal oxide.  

The surface concentration of the metal oxide components is calculated by 

 

  si =
x i

2 3

xi
2 3

i
∑

       (5.3) 

 

where xi is the molar concentration of the ith metal oxide in the bulk of the material.  

Table 5.4  lists the ionization potentials and individual PZC values assigned to Na2O, 

CaO, Al2O3, and SiO2.  The predicted values for SiO2 and Al2O3 deviate from 

experimentally determined values of 2.2 and 9, respectively.23  However, the overall 

trends are preserved.  Silica is considered an acidic oxide while Na2O, CaO, and Al2O3 

are basic oxides (although Al2O3 is only slightly basic).  The predicted PZC values for the 

SAS and SLS glasses used in this study are shown in Figures 5.24 (a) and (b).  Of course, 
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these calculations are based on the assumption that the surface composition of the glass 

microspheres can be determined on the basis of the bulk composition.  The results of the 

pH and DRIFTS measurements have clearly shown that this is not the case, due to 

leaching of Na+ cations from the surface.  However, Figure 5.24 does illustrate an 

important point, namely that the addition of CaO and Al2O3 raises the predicted PZC of 

the glass.  In other words, the progressive substitution of CaO and Al2O3 for SiO2 

introduces greater quantities of positively charged sites into the glass surface. 

 The affinity of albumins for plurivalent cations has been demonstrated in the past. 

Feng et al. proposed that Ca2+ served as binding sites between bovine serum albumin 

(BSA) and calcium phosphate coatings.24  Bernardi, Kandori et al., and Glueckauf and 

Patterson supported the concept that Ca2+ served as a binding site with studies involving 

adsorption the adsorption of BSA to hydroxyapatite particles.25-27  No definitive studies 

on the role of Al3+ have been reported, although chromatographic studies have shown that 

HSA is capable of binding to Al3+ and Ca2+ ions in solution.28,29  Therefore, the presence 

of such ions at the glass surface may act as specific binding sites for HSA attachment.  

This hypothesis has previously been advanced by van Oss et al.,30 who stated “that at 

neutral pH, albumin mainly adsorbs onto hydrophilic mineral surfaces, immersed in 

aqueous media, via plurivalent cations.” 

 These arguments can be used to explain the initial trends observed in the HSA 

adsorption capacities of the SAS and SLS glasses.  The addition of Ca2+ and Al3+ cations 

into the glass increased the HSA binding capacity due to an electrostatic attractive force.  

This explanation seemingly falters for the SAS and SLS glasses containing 60 mol% 

SiO2.  From the previous discussion, one might expect the HSA adsorption capacity to 

increase as more plurivalent modifier cations are introduced into the glass structure.  

However, this ignores the conformational aspect of protein adsorption behavior.  HSA is 

capable of undergoing significant conformational distortions during the adsorption 

process.  It is possible that the heavily modified SLS and SAS glasses display significant 

affinity for HSA, so much so that the protein distorts to provide maximum contact with 

the surface.  If this were the case,  the total number of proteins that could adsorb to the 

glass would actually decrease.  The SDS-PAGE technique employed in this study can 
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only assess the extent of adsorption, however, and so no information regarding the 

conformation of the adsorbed protein could be obtained. 

 

 

CONCLUSIONS 
 

 

 The adsorption of HSA from TBS onto a series of SAS and SLS glasses in the 

form of microspheres was determined using SDS-PAGE and silver staining.  All of the 

glass microspheres reacted with the aqueous buffer solution to some degree, as 

determined by pH measurements of the supernatant solution and DRIFTS measurements 

of the reacted microspheres. This restructuring of the glass surface complicates the 

interpretation of the protein adsorption results.  Given the short reaction times, however, 

it may be assumed that the altered surface essentially consists of a sodium-depleted 

region that still contains multivalent cations such Ca2+ and Al3+ which help to stabilize 

the surface passivation layer. 

HSA is negatively charged at neutral pH levels, and so one would expect that the 

binding capacity of HSA would continually increase as the concentration of SiO2 in the 

glass was decreased and positive charge centers such as CaO and Al2O3 were introduced.  

The substitution of CaO and  Al2O3 for Na2O caused an increase in the HSA adsorption 

capacity for SAS and SLS glasses containing 70 and 80 mol% SiO2.  However, an abrupt 

decrease in HSA adsorption capacity was observed for the SAS and SLS glasses 

containing 60 mol% SiO2.  This drop in apparent adsorption capacity might be related to 

conformational distortions of the adsorbed protein, essentially causing the HSA molecule 

to “flatten out” on the surface and reducing the total accessible surface area for 

adsorption. 

 This conformational aspect cannot be assessed using the gel electrophoresis 

technique employed here.  However, other methods such as chemical force microscopy 

could be used to obtain information about the force of interaction between a protein and a 

surface.  Such results in combination with the results presented here could then provide a 
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complete picture of the  role of plurivalent cations such as Ca2+ and Al3+ in the protein 

adsorption process. 
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Figure 5.1.  SEM image of the 20-10-70 SLS composition of glass microspheres used for 
the protein adsorption study. 
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Figure 5.2.  Ribbon representation of the structure of HSA as determined by He and 
Carter (PDB File 1UOR).  The image was generated using SwissPDBViewer.31 
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Figure 5.3.  Schematic flow-chart of the protein adsorption experiment. 

 

STEP 1.  Incubate with TBS solution 
               containing 0.05 mg·mL-1 HSA 
               for 1 h at 37°C 

Rinse 4 times with neat TBS at 37°C 

STEP 2.  Separate microspheres from 
               supernatant by centrifuge filter; 
               invert filter and recover 
              microspheres

STEP 3.  Elute bound protein by boiling in 
                LSB for 5 min; extract aliquot for 

    for analysis by SDS-PAGE 
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Table 5.1.  Results of Glass Microsphere Corrosion Testing 

 

 Supernatant pH at 25°C 

Sample 30 min 60 min 90 min 120 min 

Neat TBS pH of neat TBS at 25°C  is 7.58±0.02 

20-80 SS* 8.03±0.02 8.12±0.03 8.20±0.03 8.25±0.06 

15-5-80 SAS 7.59±0.01 7.62±0.02 7.61±0.02 7.59±0.02 

15-5-80 SLS 7.60±0.02 7.66±0.07 7.63±0.01 7.64±0.01 

30-70 SS* 9.05±0.13 9.49±0.05 9.88±0.06 10.21±0.10 

25-5-70 SAS 7.77±0.02 7.80±0.01 7.82±0.01 7.86±0.01 

20-10-70 SAS 7.57±0.02 7.59±0.05 7.60±0.00 7.59±0.03 

15-15-70 SAS 7.57±0.06 7.61±0.01 7.59±0.02 7.59±0.02 

25-5-70 SLS* 7.91±0.03 7.92±0.03 8.01±0.03 8.09±0.01 

20-10-70 SLS 7.62±0.02 7.64±0.01 7.67±0.01 7.69±0.03 

15-15-70 SLS 7.58±0.01 7.61±0.02 7.60±0.02 7.60±0.01 

25-15-60 SAS 7.57±0.01 7.60±0.03 7.60±0.02 7.59±0.02 

20-20-60 SAS 7.59±0.01 7.59±0.01 7.58±0.01 7.59±0.02 

25-15-60 SLS 7.72±0.06 7.73±0.05 7.85±0.05 7.83±0.02 

20-20-60 SLS 7.72±0.01 7.76±0.02 7.78±0.01 7.80±0.02 

 

* The designated compositions were selected for study in Chapter 3: Effect of Glass 
Corrosion on the Detection of Proteins by Silver Staining.  Note that the 30-70 SS 
composition was shown to interfere with the silver staining process. 
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Figure 5.4.  DRIFT spectra of 20-80 SS glass microspheres reacted in 37°C TBS for 0, 
30, and 60 min: (a) Initial spectra and (b) Second derivative spectra.  The spectra have 
been shifted for clarity. 
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Figure 5.5.  DRIFT spectra of 15-5-80 SAS glass microspheres reacted in TBS at 37°C 
for 0, 30, and 60 min: (a) Initial spectra and (b) Second derivative spectra.  The spectra 
have been shifted for clarity. 



 150

 

1000150020002500300035004000

A
bs

or
pt

io
n

Wavenumber (cm-1)

0 min

30 min

60 min

 

(a) 

700800900100011001200

d2 A
/d
ν2

Wavenumber (cm-1)

0 min

30 min

60 min

 

(b) 

 

Figure 5.6.  DRIFT spectra of 15-5-80 SLS glass microspheres reacted in TBS at 37°C 
for 0, 30, and 60 min: (a) Initial spectra and (b) Second derivative spectra.  The spectra 
have been shifted for clarity. 
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Figure 5.7.  DRIFT spectra of 30-70 SS glass microspheres reacted in TBS at 37°C for 0, 
30, and 60 min: (a) Initial spectra and (b) Second derivative spectra.  The spectra have 
been shifted for clarity. 
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Figure 5.8.  DRIFT spectra of 25-5-70 SAS glass microspheres reacted in TBS at 37°C 
for 0, 30, and 60 min: (a) Initial spectra and (b) Second derivative spectra.  The spectra 
have been shifted for clarity. 
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Figure 5.9.  DRIFT spectra of 20-10-70 SAS glass microspheres reacted in TBS at 37°C 
for 0, 30, and 60 min: (a) Initial spectra and (b) Second derivative spectra.  The spectra 
have been shifted for clarity. 
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Figure 5.10.  DRIFT spectra of 15-15-70 SAS glass microspheres reacted in TBS at 37°C 
for 0, 30, and 60 min: (a) Initial spectra and (b) Second derivative spectra.  The spectra 
have been shifted for clarity. 
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Figure 5.11.  DRIFT spectra of 25-5-70 SLS glass microspheres reacted in TBS at 37°C 
for 0, 30, and 60 min: (a) Initial spectra and (b) Second derivative spectra.  The spectra 
have been shifted for clarity. 
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Figure 5.12. DRIFT spectra of 20-10-70 SLS glass microspheres reacted in TBS at 37°C 
for 0, 30, and 60 min: (a) Initial spectra and (b) Second derivative spectra.  The spectra 
have been shifted for clarity. 
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Figure 5.13. DRIFT spectra of 15-15-70 SLS glass microspheres reacted in TBS at 37°C 
for 0, 30, and 60 min: (a) Initial spectra and (b) Second derivative spectra.  The spectra 
have been shifted for clarity. 
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Figure 5.14. DRIFT spectra of 25-15-60 SAS glass microspheres reacted in TBS at 37°C 
for 0, 30, and 60 min: (a) Initial spectra and (b) Second derivative spectra.  The spectra 
have been shifted for clarity. 
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Figure 5.15. DRIFT spectra of 20-20-60 SAS glass microspheres reacted in TBS at 37°C 
for 0, 30, and 60 min: (a) Initial spectra and (b) Second derivative spectra.  The spectra 
have been shifted for clarity. 
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Figure 5.16. DRIFT spectra of 25-15-60 SLS glass microspheres reacted in TBS at 37°C 
for 0, 30, and 60 min: (a) Initial spectra and (b) Second derivative spectra.  The spectra 
have been shifted for clarity. 
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Figure 5.17. DRIFT spectra of 20-20-60 SLS glass microspheres reacted in TBS at 37°C 
for 0, 30, and 60 min: (a) Initial spectra and (b) Second derivative spectra.  The spectra 
have been shifted for clarity. 
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Figure 5.18. (a) Convolution of two bands into a single band and (b) the second 
derivative of the convoluted absorption band. 
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Table 5.2.  Summary of  Infrared Absorption Band Assignments 

 

Band Region (cm-1) Band Assignment Reference 

2700-3000 Hydroxyl interaction with modifier cations 8 

3200-3500 Hydroxyl interaction with adsorbed 

molecular water 

8 

3600-3750 Various Si-OH vibrations 8 

1100-1200 Altered silica layer (coupled to shifting of 

the asymmetric Si-O-Si stretching band) 

9-13 

1000-1100 Asymmetric Si-O-Si stretch 9-13 

950-1000 Si-O-···Modifier stretch 9-13 

800-900 Si-OH stretch 9-13 
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Figure 5.19.  SDS-PAGE analysis of TBS used to rinse the 20-10-70 SAS and 20-10-70 
SLS glass microspheres.  Each of the four rinses is individually numbered within each  
sample. 
 

 

 

 

 

 

 

Figure 5.20.  SDS-PAGE analysis of HSA eluted into TBS after mechanical agitation of 
protein-coated 15-15-70 SLS glass microspheres for 60 and 120 s. 
 

20-10-70 SAS 20-10-70 SLS 
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Figure 5.21.  Calibration plot used to determine the amount of liquid retained by 50 mg of 
glass microspheres after centrifuge filtering.   



 166

 

 

 

 

 

 

 

 

 

 

 
 

 

Figure 5.22.  SDS-PAGE results of HSA adsorption to glass microspheres.  From left to 
right, the bands correspond to: Internal HSA standards (0.2, 0.3, 0.6, and 1.0 µg·mL-1, 
respectively), HSA adsorbed to 20-20-60 SAS glass micropsheres (×3), and HSA 
adsorbed to 20-20-60 SLS glass microspheres (×3). 
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Table 5.3.  Amount of HSA Irreversibly Adsorbed to the Glass Microspheres 

 

Glass ΓHSA (mg·m-2) Lower Error/Upper Error 

20-80 SS 0.01 —— 

15-5-80 SAS 0.09 -0.001/+0.003 

15-5-80 SLS 0.10 -0.002/+0.004 

30-70 SS Not evaluated (see Ch. 4) —— 

25-5-70 SAS 0.05 -0.016/+0.017 

20-10-70 SAS 0.23 -0.014/+0.019 

15-15-70 SAS 0.28 -0.024/+0.030 

25-5-70 SLS 0.28 -0.032/+0.038 

20-10-70 SLS 0.37 -0.016/+0.023 

15-15-70 SLS 0.59 -0.022/+0.034 

25-15-60 SAS 0.04 -0.008/+0.009 

20-20-60 SAS 0.04 -0.008/+0.009 

25-15-60 SLS 0.10 -0.008/+0.011 

20-20-60 SLS 0.04 -0.010/+0.011 
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Figure 5.23.  Amount of HSA adsorbed on (a) SAS and (b) SLS microspheres as a 
function of Al2O3 and CaO content.  Lines are added as guides to the eye. 
 

 



 169

 

 

 

 

 

 

 

Table 5.4.  Ionization Potentials and Predicted PZC Values for Selected Metal Oxides 

 

Compound Ionization Potential (MJ·mol-1) pH0(IP) 

SiO2 9.95 3.4 

Al2O3 5.14 7.7 

CaO 1.74 10.7 

Na2O 0.50 11.8 

 

 



 170

5.6

5.8

6.0

6.2

6.4

6.6

6.8

0.1 0.15 0.2 0.25 0.3 0.35

Pr
ed

ic
te

d 
PZ

C

x

y = 0.8

y = 0.7

y = 0.6
(1-x) Na

2
Oáx Al

2
O

3
áy SiO

2

 

(a) 

6.0

6.4

6.8

7.2

7.6

0.1 0.15 0.2 0.25 0.3 0.35

Pr
ed

ic
te

d 
PZ

C

x

y = 0.8

y = 0.7

y = 0.6(1-x) Na
2
Oáx CaOáy SiO

2

 

(b) 

 

Figure 5.24.  Predicted point of zero charge for the studied (a) SAS glasses and (b) SLS 
glasses using the model of Carre et al.  Lines connect glasses of equimolar SiO2 content. 
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Chapter 6: Methods for Analyzing Molecular 
Dynamics Simulations of Protein Adsorption 
 
 
 
“Shape without form, shade without colour, 
Paralysed force, gesture without motion; ...” 
 
– T.S. Eliot, The Hollow Men 
 
 
 
INTRODUCTION 
 

 

 There are a variety of techniques available to characterize the adsorption of 

proteins.  In general, these methods provide one of two possible types of information.  

The first type relates to the extent of adsorption. While it is certainly useful to know the 

quantity of adsorbed protein on a surface, it really gives little indication regarding the 

adsorbed state. The second type concerns the character of adsorption, that is, the nature or 

condition of a protein that has undergone adsorption.1-3  Unfortunately, no single type of 

experimental method is capable of providing true atomic-scale resolution of an adsorbed 

protein, although the resolution of scanning probe techniques such as atomic force 

microscopy is continually improving.4  An alternative approach to the traditional lab-

bench experiments used to study protein adsorption is computer simulation, which is 

capable of following the motion of systems at an atomistic level.  Molecular dynamics 

(MD) simulations are a particularly attractive option because they may follow the 

evolution of a model over the course of time.  Within the context of studying protein 

adsorption, MD simulations could be used to monitor the structural arrangements that a 

protein may undergo during the process of adsorbing to a surface. 

 There are two major obstacles facing the would-be practitioner of such 

experiments.  The first challenge is one of available computational resources.  Small 

proteins do exist, but most are comprised of thousands of atoms.  Therefore, the size of 

an adsorption simulation can become quite large when one considers just the protein and 
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the adsorbent surface.  More refined MD simulations of the protein adsorption process 

also explicitly include water molecules, which can rapidly increase the number of atoms.  

The second challenge is the development of a reasonably accurate set of models to  

describe the inter-atomic potentials.  This problem is particularly difficult due to the 

mixed types of bonding and non-bonding interactions that arise in a system consisting of 

a biopolymer, a condensed phase surface, and the intervening liquid medium.  Despite the 

inherent difficulties involved, an increasing amount of focus has been directed towards 

performing MD simulations of protein adsorption within recent years. 

 A preliminary simulated adsorption experiment was performed using bovine 

pancreas trypsin inhibitor (BPTI), a protein consisting of 58 amino acid residues.  This 

particular protein was chosen  on the basis of its small size, which improves the 

computational efficiency of the simulation and because it is a well-characterized 

protein.5-9  In addition, MD simulations have already been employed to study the folding 

and unfolding properties of BPTI,10-14 and so the historical data may provide for useful 

comparisons between the BPTI protein in a nominally native state and an adsorbed state. 

 

 

EXPERIMENTAL 
 

 

 The coordinate data for the structure of the BPTI protein was  provided by 

Fairman in a pre-minimized state.15  The initial minimization of BPTI was conducted in 

vacuo.  Simulation and visualization were performed using the commercial software 

packages Cerius2 and InsightII from Molecular Sciences, Inc. (now Accelrys) as 

implemented on a SGI Octane workstation. 

 The model adsorbing material was the (100) plane of the α-quartz structure.  This 

surface was selected since the (100) plane (or equivalently, the (1010)  plane) is a natural 

cleavage plane of α-quartz.16  A unit cell of α-quartz was loaded into Cerius2 from the 

provided library of structural scripts.  A crude surface was then generated by replicating 

the unit cell 10 repeat units in the a direction, 3 repeat units in the b direction, and 10 

repeat units in the c direction.  This resulted in an α-quartz slab with approximate 
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dimensions of 50 × 52 × 15 Å.  No attempt was made to relax the surface structure, and 

the Si and O atoms of the α-quartz slab were held in fixed positions throughout the 

course of subsequent simulations. 

 The BPTI and α-quartz components were brought together placing the BPTI 

molecule approximately 5 Å above and roughly centered over the α-quartz slab.  MD 

simulations were then conducted within the Discover package of Cerius2.  In this study, 

the COMPASS (Condensed–Phase Optimized Molecular Potentials for Atomistic 

Simulation Studies) force field set was employed because it explicitly contains potential 

terms and parameters specific to both organic species via the functional form of the older 

consistent force field (CFF) set and condensed phase materials using empirical ffitting 

procedures.17,18  A 9.5 Å distance was used as a cut-off limit for the calculation of non-

bonding interactions (e.g., electrostatic interactions and 9-6 Lennard-Jones interactions).  

Pre-minimization of the combined BPTI/α-quartz system was performed using the 

conjugate gradient method over the course of approximately 900 iterations.  The 

subsequent MD simulation was conducted in vacuo under constant NPT conditions at a 

temperature of 298 K.  Calculations were performed at 1 fs time steps over a total of 20 

ps of simulation time.  While this is not a sufficient amount of time to observe structural 

motions of the protein over major length scales, it is capable of detecting small-scale 

movements.19  The resulting coordinate files were saved for further analysis. 

 
 
RESULTS AND DISCUSSION 
 

 

 The numerical validity of the results obtained from this model system are 

questionable from the perspective that water molecules were not included.  In some 

cases, the electrostatic screening effects of water have been approximated as a dielectric 

continuum by employing the linear Poisson-Boltzmann function, but this approach 

misses a subtle phenomenon that is only observed when molecular water is incorporated 

into the simulation model.20,21  The so-called “waters of hydration” surrounding a protein 

and present over the adsorbent surface can be highly oriented, leading to what may be 
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appropriately called a structured layer of water at the protein–liquid or solid–liquid 

interfaces.  This structured layer can lead to the formation of hydration pressures that are 

sufficiently large to repel proteins attempting to adsorb.  This phenomenon is one 

potential explanation for the efficacy of non-fouling surfaces such as polyethylene.22 Van 

Oss and Good determined on the basis of contact angle measurements that approximately 

98% of the water molecules in the first layer of hydration and ≈30% in the second layer 

of hydration were oriented with the hydrogen atoms facing in towards the protein.23  The 

results of theoretical calculations have lended further support to such experimental 

observations.  Bujnowski and Pitt performed MD simulations of enkephalin, a small 

protein which consists of only five amino acids, in proximity to a crystalline polyethylene 

(PE) surface.24  Water molecules were explicitly included in the model.  Spatial 

distribution functions of the water molecules revealed significant structuring at 2.8 Å and 

5.7 Å from the PE surface, which was attributed to the presence of two hydration layers.  

Similarly, an oriented hydration layer located at 2.5 Å was found adjacent to the polar 

region of the enkephalin molecule.  Higo et al. found extensive ordering of the water 

dipole vector around a DNA-bonding protein, where the dipole vector was defined as the 

unit vector extending from the oxygen atom to the average of the two hydrogen atom 

positions.25 

In addition, the α-quartz surface that was employed as the model adsorbent 

surface is far from realistic, given that the surface was neither allowed to relax or become 

hydroxylated.  Previous MD simulations have shown that the adsorption of water onto 

materials such as fused silica results in significant restructuring of the surface.26-29  

Siloxane bond rupture and the formation of various silanol species may result from the 

adsorption of water.  Nonetheless, these preliminary results still offer an opportunity to 

investigate potential techniques for analyzing the structure of a protein that has 

undergone simulated adsorption 

The superimposed structures of BPTI prior to and following simulated adsorption 

are shown in Figure 6.1.  It is obvious that differences exist between the two states, 

particularly in the region of the α-helix structure located near the end of the polypeptide 

strand.  Superimposed images such as Figure 6.1 can provide an overall sense of what 

distortions and unfolding processes a protein may be undergoing during adsorption, but 
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in order to extract quantitative information from such results, one should make use of the 

ample quantities of atomic coordinate data that are generated during MD simulations.  

The remainder of this chapter will introduce several methodologies that may be 

potentially useful for analyzing the structural data generated during the course of a MD 

simulation of protein adsorption.  

 The basic structure of an amino acid begins with the central carbon atom, also 

called the Cα
  atom.  The Cα atom is bonded to a lone hydrogen atom, an amine group, a 

carboxylic acid group, and a functional group which is often referred to as the R group.  

The R group may consist of twenty possible motifs, each of which imparts a unique 

property to the amino acid.  The formation of a polypeptide chain occurs via 

condensation of adjacent amine and carboxylic acid groups to form a peptide bond.  As 

the polypeptide chain begins to fold together into the structure of its corresponding 

protein, the amino acid residues adopt conformations relative to each other which are 

dictated by numerous factors including steric constraints, van der Waals forces, and 

electrostatic interactions.  The relative orientation of adjacent amino acid residues can be 

described by torsion angles. A schematic diagram of the two torsion angles (otherwise 

known as dihedral angles) Ψ and Φ is shown in Figure 6.2. 

Values of the dihedral angles between adjacent amino acid residues can range 

between -180° to 180°.  The two extreme values are geometrically equivalent, since a 

bond rotation of 180° places the structure into a position that is identical to a -180° 

rotation.  Dihedral angle values of 0° indicate that the C, N, and Cα atoms are arranged in 

a cis conformation, whereas values approaching ±180° correspond to a fully extended 

trans conformation. Ramachandran and Saisekharan investigated the ability of 

neighboring amino acids to adopt certain dihedral angle values using hard sphere 

models.30   As a result, they discovered that the distribution of dihedral angles tend to fall 

within certain ranges.  The so-called Ramachandran plot allows for visualization of 

dihedral angle distributions and consists of a space that spans the entire range of possible 

Ψ and Φ values. 

A Ramachandran plot showing the distribution of dihedral angles for BPTI before 

and after simulated adsorption is shown in Figure 6.3.  A majority of the points in the 

dihedral angle distribution for BPTI prior to simulated adsorption fall within the regions 
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demarcated by thin lines.  These regions correspond to the most energetically favorable 

conformations typically adopted by amino acid residues within a folded polypeptide 

chain.  A secondary set of conformational regions that are moderately favorable are 

bounded by the heavy lines.  The remaining area of the conformational space not 

enclosed within the heavy lines correspond to conformations that are usually highly 

unfavored.  Note, however, that three points from the pre-adsorption BPTI structure are 

in fact found outside of the energetically favored regions.  These three points correspond 

to glycine residues within the BPTI structure which can potentially adopt a broad range 

of dihedral angles.  This flexibility is caused by the extremely small size of glycine’s 

functional group, a hydrogen atom, which reduces steric limitations and allows for 

considerable torsion. 

The distribution of dihedral angles for BPTI following simulated adsorption 

suggests that a “broadening” of angles has occurred.  The points of the scatter plot have 

spread out from the most energetically favorable regions into those areas which are only 

moderately favorable.  In addition, four new points appeared in the least favorable region 

of conformational space.  The percent distribution of dihedral angles among the three 

regions of the Ramachandran plot are given in Table 6.1.  This result may be indicative of 

the influence exerted by the α-quartz surface on BPTI. 

While the Ramachandran plot may be useful for surveying the conformational 

“landscape” of a polypeptide chain, the individual identities of the amino acid residues 

comprising the protein are lost.  Any attempt to individually label the data points within 

the Ramachandran plot would be highly confusing, even for a relatively small protein 

such as BPTI, and so a method for investigating structural changes while preserving 

sequence information might prove to be useful.  One such construction is depicted in 

Figure 6.4, in which the modulus of the dihedral angle change between the native and 

adsorbed states after 20 ps of simulation time is plotted in a linear sequence 

corresponding to the amino acid residues.  In order to simplify the presentation of the 

results, the quantities |∆Ψ| and |∆Φ| have been normalized to 360° so that a full rotation 

of a dihedral angle corresponds to a value of 1.     The largest changes in dihedral angles 

were observed at the ends of the polypeptide sequence, which makes considerable sense 

since the ends of the BPTI chain terminate in relatively open solvent-accessible regions 
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that would allow for considerable freedom of movement.  Further peaks are observed 

within the residue sequence as well, indicating that other segments of the BPTI structure 

are undergoing torsion. 

The observed changes in the dihedral angles could potentially be explained on the 

basis of the flexibility of the polypeptide chain.  Ragone et al. have proposed a method 

for predicting regions of flexibility within a protein using a figure of merit that is a 

product of an amino acid’s hydrophobicity and volume.31  A hydrophobicity scale 

proposed by Manavalan and Ponnuswamy32 and volume parameters reported by 

Chothia33 were used (refer to Table 6.2 for the exact numerical values). No particular 

justification for the use of the Manavalan and Ponnuswamy (MP) scale was presented, 

which is somewhat interesting in light of a review article published by Ponnuswamy in 

1993 regarding the hydrophobic properties of proteins.34  At that time,  the author 

indicated that over 40 known hydrophobicity scales for amino acids existed, and so the 

choice by Ragone et al. of one particular scale is curious. Upon further inspection 

however, the MP scale possesses two key advantages.32,34  The determination of their 

“surrounding hydrophobicity” parameter, H, is calculated using the coordination 

environment of a particular amino acid residue via the expression 

 

 Hj = Li, jhi
i=1

20
∑        (6.1) 

 

where Li,j is the number of amino acid residues of the ith type surrounding the jth residue 

within a spherical volume having an 8 Å radius, and hi is the hydrophobicity parameter of 

the ith residue as determined by Nozaki and Tanford35 and Jones.36  Therefore, the first 

key feature of the MP scale is that it takes advantage of actual crystallographic data of 

protein structures in considering hydrophobicity, since Equation 6.1 states that an amino 

acid residue that tends to surround itself with hydrophobic residues (on the basis of hi) is 

itself very hydrophobic.  The second important characteristic of the MP scale is that the 

surrounding hydrophobicity parameter is being established on the basis of interactions 

between amino acids, as opposed to most hydrophobicity scales which tend to be 

formulated by using the energy required to transfer an isolated amino acid molecule 

between a polar and non-polar phase (e.g., water and a hydrocarbon). 
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In the method prescribed by Ragone et al., the entire range of values for H and V 

are first normalized to the same scale to achieve equal weighting.31  This is accomplished 

by setting the minimum and maximum values from each parameter set to values of 0 and 

100, respectively.  The intermediate values then scale accordingly, as shown in Table 6.2.  

The figure of merit, HV, is obtained as the product of the normalized values of H and V. 

In doing so, glycine is found to have the lowest HV value (825.4) and tryptophan has the 

largest HV value (3309.8).  The range of HV values thus ranks the relative tendency of an 

amino acid residue to impart flexibility to a protein chain, but there is no definite 

boundary or discontinuity in the set of values that would immediately allow one to define 

where the transition between flexible to inflexible residues occurs. 

A parameter developed by Chou and Fasman37 known as the turn potential, Pt, 

was employed by Ragone et al. as an alternate benchmark for assessing the flexibility of 

amino acid residues and to establish a threshold value within the HV scale.  The original 

function of the turn potential as envisioned by Chou and Fasman was to assess the 

likelihood of a given amino acid residue to appear within a secondary structural element 

known as the β-turn.  By definition, the β-turn consists of four amino acid residues that 

form a sharp bend, thereby allowing the polypeptide chain to undergo a 180° reversal in 

direction.38  The β-turn is a critical element during the folding process that determines a 

protein’s tertiary structure. 

Chou and Fasman examined the structures of twelve proteins and calculated the 

turn potential of the twenty amino acids using the formula 

 

 Pt =
ft

ft

       (6.2) 

 

where ft is the average frequency of occurrence of a particular amino acid residue within 

a β-turn and 〈ft〉 is the average occurrence of all amino acid residues within β-turns.  An 

amino acid with Pt > 1 therefore could be expected to occur within a β-turn at a 

frequency that is greater than the average frequency.37  The Pt values for the twenty 

amino acids are compiled in Table 6.3. 
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 A multivariate correlation analysis by Ragone et al.31 established a relationship 

between the turn potential of an amino acid and its hydrophobicity and volume (R2=0.80) 

that took the form 

 

  Pt = 3.78 − 3.47 ×10−3 V − 0.18H .    (6.3) 

 

An improved correlation (R2=0.94) was obtained by including terms that accounted for 

the α- and β-inducing potential, Pα and Pβ, which correspond to an amino acid’s relative 

tendency to appear in α-helix and β-sheet structures.  This equation was given by 

 

  Pt = 4.07 − 0.10H −1.44 ×10−3 V − 0.93Pα − 0.59Pβ   (6.4) 

 

Equations 6.3 and 6.4 both suggest that amino acid residues that take on low 

hydrophobicity and volume values will have large turn potentials.  A threshold value of 

1307, approximated to 1300, was then established by using the product of the two amino 

acids with the highest hydrophobicity and volume that still possessed turn potentials 

greater than 1 (glycine and asparagine, respectively).  Any amino acids with an HV value 

less than 1300 were categorized as being “flexible”.  Figure 6.4 shows a plot of amino 

acid hydrophobicity versus volume.  The area in the lower left corner that is bounded by 

the dotted line contains those amino acids whose HV values fall below the threshold 

value of 1300. 

 A flexibility plot is finally constructed by using a moving window to calculate the 

average HV value of a sequence consisting of five amino acids.  This average value is 

assigned to the first amino acid of the quintuplet.  The averaging window then shifts one 

position and the calculation is repeated..  Ragone et al. calculated flexibility plots for six 

proteins of variable size and structure and performed a comparison against available 

thermal factor data  for the Cα atoms obtained by x-ray diffraction for those same 

proteins.  In general, they found good agreement between the locations of minima within 

the protein flexibility plot (corresponding to residue sequences with HV vales below 

1300) and maxima in the thermal factor values (corresponding to positions of diffuse 

motion) for the Cα
 atom from the corresponding amino acid residue.31 
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A calculated flexibility plot for BPTI is shown in Figure 6.5.  The points falling 

within the red region correspond to predicted regions of flexibility.  Of the 58 amino 

acids within BPTI, 33 fall below the threshold value of 1300 and 4 are very near the 

boundary line.  This would suggest that BPTI is a fairly flexible protein.  The dihedral 

angle changes shown in Figure 6.4 seem to correspond well to the regions of predicted 

flexibility, indicating that labile segments may act as joints or hinges about which the 

protein chain may change its structure.  Thus, the ability to calculate the flexibility of a 

protein a priori may provide a tool for selecting regions of interest when performing MD 

simulations of the adsorption process. 

The analytical approaches presented up to this point have only focused on the 

relative orientation of adjacent amino acid residues.  However, the arrangement of the 

polypeptide chain over larger length scales is also of critical importance, as it determines 

the secondary and tertiary structural elements that comprise a protein.  The adsorption 

process can potentially induce global disruption of the protein structure, as shown by 

differential scanning calorimetric and circular dichroism measurements of adsorbed 

proteins on colloidal silica.39,40 

One method for translating the relative positions of amino acid residues in three-

dimensional space to a two-dimensional representation is known as the contact map.  The 

calculation needed to generate data for a contact map is quite straightforward.  The pair-

wise correlations between amino acid residues within the protein are determined using 

the simple geometric expression 

 

  ri , j = xi − xj( )2 + yi − yj( )2 + zi − z j( )2[ ]
1
2    (6.5) 

 

where the subscripts i and j refer to the positions of the central Cα atoms belonging to the 

ith and jth amino acid residues.  The contact map is then constructed by plotting the inter-

pair distances of the amino acid sequence versus itself, as given in Figure 6.7, which 

shows the contact map for BPTI prior to simulated adsorption over the α-quartz surface.  

Similarly, Figure 6.8 shows the contact map for BPTI following simulated adsorption.  A 

mirror plane within the plot extends from the lower left-hand corner to the upper right-
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hand corner, rendering one half of the plot essentially redundant.  The values of the inter-

pair distances in this case range from 0-40 Å.  As would be expected, a stripe 

corresponding to correlation distances between 0-5 Å runs along the diagonal line of the 

mirror plane (i.e., r1,1 = r2,2 = ... = r58,58 = 0).  The advantage of a contact map is that 

features of the three-dimensional protein structure are retained as emerging patterns that 

indicate close proximity over an extended sequence of amino acid residues. 

 Contact maps are displayed either as a contour-style plot, such as those shown in 

Figures  6.7 and 6.8, or as discrete points that correspond to residues that are within a 

certain proximity (10 Å is a typical cut-off distance).  Unfortunately, the relatively large 

step size of the contour plots shown here (10 Å) makes a comparison between the pre- 

and post-adsorption maps difficult.  The step size of the contours could be decreased to 

finer intervals, but the resulting contact maps become highly confusing and even more 

difficult to interpret. Figure 6.9 shows a “differential” contact map that has been 

constructed by subtracting the contour data of the pre-adsorption structure from the post-

adsorption structure.  Positive values on the differential contact map correspond to amino 

acid residues that have increased their separation distance with respect to their initial 

positions and vice versa. This represents a solution to the problem of comparing 

sequential contact maps, since the subtraction process simultaneously reduces the scaling 

of the contours to reveal finer features while producing a more informative diagram. 

 A brief examination of Figure 6.9 shows that a predominant portion of the 

differential contact map consists of brown and purple regions, which correspond to 

contraction and dilation distances that fall within a range ±1 Å.  This suggests that after 

20 ps of simulated adsorption a majority of the Cα
 atoms have not moved over a 

significantly large distance in relation to each other.  However, several prominent 

features do appear in the differential contact map.  In particular, a string of valleys runs 

across the inter-pair correlation distances between the residue sequence 1-3 and the 

remaining polypeptide chain, indicating that this particular segment (the C-terminus 

region of the BPTI structure) is moving into the protein structure.  A similar compressive 

trend is observed in the region approximately between residues 50-55 (the α-helix 

region). 
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 The differential contact map therefore provides a method for examining the 

evolution of protein structure over time.  In this case, the transformation between just two 

states was presented, but a similar analysis could be conducted over a series of steps.  If 

an MD simulation of the adsorption process were carried out over a sufficient length of 

time, perhaps on the scale of nanoseconds, it would be feasible to use a series of 

differential contact maps to view the structural distortions that may occur. 

 

 

CONCLUSIONS 
 

 

 Several approaches for analyzing the structure of a protein that has undergone 

simulated adsorption have been presented.  The use of Ramachandran plots may be 

employed to observe the evolution of the dihedral angle distribution of an adsorbing 

protein..  Also, by plotting the changes in the dihedral angles as a linear sequence against 

the amino acid residues, it is possible to observe regions undergoing significant rotation.  

Finally, the use of contact maps may provide some insight into the dilation and 

contraction of secondary and tertiary structural elements of a protein. 

 The terminal regions of the BPTI polypeptide chain were observed to undergo the 

greatest changes during simulated adsorption, as indicated by distortions in the 

corresponding dihedral angles and localized features in a differential contact map.  In 

addition, a Ramchandran plot of the pre- and post-adsorption structures of BPTI shows a 

global broadening of the dihedral angle distribution.  In particular, the post-adsorption 

BPTI structure exhibits an increasing number of Ψ and ∆ values which correspond to 

energetically unfavorable conformations.  This suggests that structural conformations that 

might normally be disadvantageous for a protein in solution may be observed when that 

same protein undergoes adsorption, since the gain in configurational entropy can offset 

enthalpic penalties incurred by adopting a non-native structure. 
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Figure 6.1.  Superimposed images of BPTI before (blue) and after (red) 20 ps of 
simulated in vacuo adsorption over an α-quartz (100) surface. 
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Figure 6.2.  Schematic diagram of the dihedral angles, Ψ and Φ, between adjacent 
peptide groups. 
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Figure 6.3.  Ramachandran plot of the dihedral angles of BPTI before and after 20 ps of 
simulated adsorption. 
 

 

 

Table 6.1.  Distribution of BPTI Dihedral Angles within the Ramachandran Plot 

 

 Regions of the Ramachandran Plot 

State Most Favored Moderately Favored Least Favored 

Pre-Adsorption 87.9% 6.9% 4.2% 

Post-Adsorption 67.2% 20.7% 12.1% 
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Figure 6.4. Changes in the dihedral angles (normalized to 360°) of BPTI following 
simulated adsorption. 
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Table 6.2.  Hydrophobicity and Volume Parameters of the Amino Acids31-33 

 

Amino Acid H (kcal) V (Å3) Normalized H Normalized V H·V 

Gly 12.43 66.4 32.51 0 825.4 

Ser 11.23 99.1 7.82 19.1 1112.9 

Ala 12.97 91.5 43.62 14.7 1186.8 

Asp 10.85 124.5 0 33.9 1350.8 

Thr 11.69 122.1 17.28 32.5 1427.3 

Pro 11.37 129.3 10.70 36.7 1470.1 

Asn 11.42 135.2 11.73 40.2 1544.0 

Cys 14.63 118.0 77.78 30.1 1726.3 

Glu 11.89 155.1 21.40 51.8 1844.1 

Gln 11.76 161.1 18.72 55.3 1894.5 

Lys 11.36 171.3 10.49 61.3 1946.0 

His 12.16 167.3 26.95 58.9 2034.4 

Val 15.71 141.7 100 44.0 2226.1 

Arg 11.72 202.0 17.90 79.2 2367.4 

Met 14.39 170.8 72.84 61.0 2457.8 

Leu 14.90 167.9 83.33 59.3 2501.7 

Ile 15.67 168.8 99.18 59.8 2645.1 

Tyr 13.42 203.6 52.88 80.1 2732.3 

Phe 14.00 203.4 64.81 80.0 2847.6 

Trp 13.93 237.6 63.37 100 3309.8 

      

Mean 12.88 151.8 41.67 49.9 1972.5 
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Table 6.3.  Turn Potentials of the Amino Acids37 

 

Amino Acid Turn Potential 

Gly 1.51 

Ser 1.92 

Ala 0.77 

Asp 1.41 

Thr 1.04 

Pro 1.91 

Asn 1.28 

Cys 0.81 

Glu 0.99 

Gln 0.98 

Lys 0.96 

His 0.68 

Val 0.47 

Arg 0.88 

Met 0.41 

Leu 0.58 

Ile 0.51 

Tyr 1.05 

Phe 0.59 

Trp 0.76 

  

Mean 0.98 
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Figure 6.4.  Volume-hydrophobicity plot for the twenty amino acids.  The dotted line 
delineates the region of the most flexible amino acids. 
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Figure 6.6.  Flexibility plot of BPTI using the hydrophobicity-volume scale proposed by 
Ragone et al.31   
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Figure 6.7.  Contour representation of contact map for BPTI prior to simulated 
adsorption. 
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Figure 6.8.  Contour representation of the contact map for the BPTI structure following 
simulated adsorption. 
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Figure 6.9.  Differential contact map of BPTI (post-adsorption minus pre-adsorption). 
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Appendix 1: Instructions for the Preparation of 
Buffered Solutions 
 

 

 The following appendix has been included for two purposes.  The first is to 

provide a conveniently located compendium of instructions for preparing the buffer 

solutions employed throughout this thesis.  Please refer to Tables A.1-A.6 for the 

aforementioned instructions.  All of the instructions are written to produce a solution that 

is of an appropriate concentration for actual use, except where noted.  The second reason 

is to mention a few basic points that are worthy of consideration when preparing 

solutions similar to those listed here.  A discussion of this type might initially seem a bit 

banal, but seemingly minor details can actually have dramatic consequences. 

 Three buffered solutions of varying complexity commonly used in biomaterials 

testing were employed in this work: phosphate buffered saline (PBS), tris buffered saline 

(TBS), and simulated body fluid (SBF). It should be noted that a revised SBF 

composition has recently been proposed by Kim et al.1  At this time, however, the revised 

SBF composition has yet to come into widespread use, and so the “classic” SBF 

composition was employed (author’s non sequitur— I never liked New Coca-Cola, 

either).  SBF, developed by Kokubo’s group at Kyoto University in Japan,2 is by far the 

most compositionally complex of the three buffered solutions mentioned here, but even 

the simplest buffered solutions can display complex behavior due to the influence of 

dissolved electrolytes and temperature. 

 Typical buffering solutions consist of a mixture of dissolved electrolytes such as 

NaCl, KCl, MgCl2, etc. and one or more buffering compounds.  In an ideal solution, no 

ion–ion interactions would occur, so that thermodynamic relationships could be 

developed strictly on the basis of the concentrations of the components. However, such 

ion–ion pairings do occur in reality, and so concepts such as activity and activity 

coefficients were introduced as empirical factors to correct for observed deviations from 

ideality.  The connection between such empirical parameters and physically meaningful 

models was established by marrying thermodynamic relationships with the ionic cloud 

theory of Debye and  Hückel,3 which deals with the time averaged distribution of charged 



 202

species within a solution.  Stated simply, the influence of ionic strength on the pKa of a 

buffering compound may be calculated by using a simplified form of the extended 

Debye-Hückel model4 given by 

 

pKa = pKa, 0 +
0.51nI1 2

1+ 1.6I1 2      (A.1) 

 

where pKa,0 is the pKa value of a compound at zero ionic strength, I is the ionic strength 

of the solution, and n is a relative indicator of a compound’s sensitivity to ionic strength.  

Compounds that have |n| values greater than 1 may be considered highly sensitive to 

ionic strength.  The influence of ionic strength on the pKa values of both tris and 

phosphate shown in Fig. A.1 as determined by Eq. A.1 and using the appropriate 

parameters from Table A.7.  From a practical standpoint then there are two important 

items to remember when preparing electrolyte-containing buffering solutions.  The first 

point is that buffer solutions are not “distributive”; the order of addition does matter.  

When preparing a buffer solution, it is important to dissolve any salts into solution prior 

to adding the primary buffering component and adjusting to the final desired pH value.  

The second point concerns the use of concentrated solutions.  In some instances, 

protocols will prescribe that solutions be mixed at an elevated concentration and then, 

when the buffer is to be used, a portion of the concentrated solution is diluted to the 

proper level.  Of course, in diluting the concentrated stock buffer the ionic strength of the 

solution is also reduced, thereby changing the pKa of the buffering molecule. 

 Temperature can also impact the pKa of a buffering compound.  The influence of 

temperature can be determined relatively easily by evaluating the appropriate 

thermodynamic relationships.  The free energy for the dissociation reaction of a buffering 

molecule, ∆G0, is described by the equations 

 

 

  ∆G0 = ∆H0 − T∆S0       (A.2) 

and 

  ∆G0 = −RT ln K       (A.3) 
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where ∆H0 is the enthalpy of dissociation, ∆S0 is the entropy of dissociation, R is the gas 

constant, T is the temperature, and K is the equilibrium constant.  Upon equating 

expressions (A.2) and (A.3) and rearranging, one arrives at 

 

 

  ln K =
∆S0

2.3R
−

∆H0

2.3RT
.      (A.4) 

 

Taking the derivative of Eq. (A.4) with respect to temperature gives 

 

  
d ln K

dT
=

∆H0

2.3RT2 ,      (A.5) 

 

which by definition (i.e., pKa ≡ -log K) can finally be rewritten as 

 

  
d pKa( )

dT
=

−∆H0

2.3RT 2       (A.7) 

 

Equation (A.7) states that if the enthalpy of dissociation is relatively large, a buffering 

molecule would tend to show a strong dependence on temperature. It is obvious from the 

curves shown in Fig. A.2 that a phosphate buffer shows little dependence on temperature 

while the pKa of tris drops more than an entire pH unit over the temperature range of 0 to 

40°C.  This markedly different behavior is attributed to the large dissociation enthalpy of 

tris, which is ten times larger than the enthalpy of dissociation for the second proton from 

phosphoric acid as seen in Table A.7.  In practice then, it is important that the pH of a 

buffered solution be adjusted when the solution is at the temperature of intended use. 
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Table A1.1.  Instructions for Preparing Phosphate Buffered Saline 

 

Step 1 Begin with 100 mL of 10× concentrated PBS* 

Step 2 Raise solution temperature to 37°C and adjust solution pH to 7.4 using 

5.0 N HCl** 

Step 3 Dilute to 1000 mL 

Step 4 Vacuum filter the solution with a 0.45 µm membrane and store at 4°C 

 

* In this case, Cellgro™ PBS medium from Mediatech was used. 
** After adjusting the pH to 7.4, use deionized water to wash off the bulb of the pH 
electrode, making sure to collect the rinse in the vessel containing the TBS solution. 
 

 

 

Table A1.2.  Instructions for Preparing Tris Buffered Saline* 

 

Step 1 Begin with 750 mL of deionized water 

Step 2 Add 5.844 g of NaCl 

Step 3 Add 3.0275 g of tris 

Step 4 Raise solution temperature to 37°C and adjust solution pH to 7.4 using 

5.0 N HCl** 

Step 5 Dilute solution to 1000 mL 

Step 6 Vacuum filter the solution with a 0.45 µm membrane and store at 4°C 

 

* The final solution composition is 25 mM tris and 100 mM NaCl. 
** After adjusting the pH to 7.4, use deionized water to wash off the bulb of the pH 
electrode, making sure to collect the rinse in the vessel containing the TBS solution.
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Table A1.3.  Instructions for Preparing Simulated Body Fluid 

 

Step 1 Begin with 750 mL of deionized water 

Step 2 Add 7.996 g of NaCl 

Step 3 Add 0.350 g of NaHCO3 

Step 4 Add 0.224 g of KCl 

Step 5 Add 0.228 g of K2HPO4·3H2O 

Step 6 Add 0.305 g of MgCl2·6H2O* 

Step 7 Add 35 mL of 1.0 N HCl (≈90% of the total amount to be added) 

Step 8 Add 0.278 g of CaCl2 

Step 9 Add 0.071 g of Na2SO4 

Step 10 Add 6.057 g of Tris 

Step 11 Raise solution temperature to 37°C and adjust solution pH to 7.4 using 

1.0 N HCl** 

Step 11 Dilute solution to 1000 mL 

Step 12 Vacuum filter the solution with a 0.45 µm membrane and store at 4°C 

 

* MgCl2·6H2O and CaCl2 are hygroscopic and should be stored under desiccating 
conditions. 
** After adjusting the pH to 7.4, use deionized water to wash off the bulb of the pH 
electrode, making sure to collect the rinse in the vessel containing the SBF solution. 
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Table A1.4.  Instructions for Preparing Storage 
Buffer for a Saturated Calomel pH Electrode 

 
 
The “semi-micro” saturated calomel electrode used throughout this work did not ship 
with a conventional storage buffer solution and so a suitable alternative was improvised.  
The electrode storage buffer consists of a 1:1 mixture of a pH 7 standard solution (of the 
type suitable for calibrating pH electrodes) and a nearly saturated KCl solution. 
 

Step 1 Dissolve the contents of one buffer capsule* in 100 mL of deionized 

water 

Step 2 Dissolve 29.820 g of KCl in 100 mL of deionized water** 

Step 3 Combine the solutions prepared in Steps 1 and 2 

 

* In this case, a pHydrion buffer capsule (pH 7.00±0.02 at 25°C) produced by Micro 
Essential Laboratory was used. 
** It may be necessary to apply moderate heat to dissolve the KCl in a reasonable amount 
of time. 
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Table A1.5.  Instructions for Preparing Denaturing, 
Non-Reducing Laemmli Sample Buffer 

 

Step 1 Begin with 25 mL of 0.5 M Tris solution that is adjusted to pH 6.8 with 

1.0 N HCl 

Step 2 Add 40 mL of 10% (w/v) SDS solution 

Step 3 Add 5 mL of 0.1% (w/v) bromophenol blue solution 

Step 4 Add 20 mL of glycerol 

Step 5 Dilution solution to 200 mL with deionized water 

Step 6 Vacuum filter the solution with a 0.45 µm membrane and store at 4°C* 

 

* The Laemmli sample buffer will phase separate when stored at 4°C.  Miscibility is 
restored by simply allowing the LSB to warm up to room temperature under gentle 
agitation. 
 

 

 

Table A1.6.  Instructions for Preparing Denaturing Running Buffer (10× concentrated) 

 

Step 1 Begin with 750 mL of deionized water 

Step 2 Add 29 g Tris 

Step 3 Add 144 g glycine 

Step 4 Add 10 g SDS 

Step 5 Dilute running buffer to 1000 mL 

 

 

 

Table A1.7.  Selected Properties of Buffering Compounds 

 

Compound n pKa,0 ∆H0 (kJ·mol-1) 

Phosphate (pK2) -3 7.20 -0.0028 

Tris +1 8.06 -0.028 
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Appendix 2:  Effect of Buffer on Protein Adsorption 
 
 
 
INTRODUCTION 
 

 

 The ability to compare results among protein adsorption studies found in the 

literature is often hampered by a lack of consistency in experimental conditions.  There is 

no ASTM standard for testing protein adsorption, nor should there be.  Each test must be 

appropriately designed to mimic the system of interest.  Of course, what is “appropriate” 

is often up to interpretation, particularly when considering the type of buffering solution 

to use for preparing protein solutions.  There are a variety of possible buffering systems 

that may be used, but the issue of what effect such solutions may have on the final 

outcome of an experiment is rarely addressed.  It is important to stress that the 

components of a buffer solution are not mere bystanders during the protein adsorption 

process – a concept that has long been appreciated in the field of chromatography. 

 Putman et al.  pre-reacted a zirconia powder with  a solution containing phosphate 

anions.1  It was found that the phosphate anions adsorbed to the surface of the zirconia 

powder and subsequently reduced the amount of albumin that bound to the surface.  

Slack and Horbett investigated the influence of two solutions, tris buffered saline (TBS) 

and citrate-phosphate buffered saline, on the adsorption of fibrinogen to glass surfaces.2  

They found that plasma that was diluted with TBS resulted in a greater adsorption of 

fibrinogen. 

 The purpose of this brief study was to investigate HSA adsorption from three 

buffering solutions commonly used in biomaterials testing.  Pyrex glass (Corning Code 

7740) microspheres were used in this case due to  the excellent chemical durability.  The 

use of such a resistant composition precludes excessive leaching of cations from the 

glass, which may in turn cause changes in the pH and ionic strength of the buffering 

solution. 
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EXPERIMENTAL 
 

 The Pyrex glass microspheres were produced according to the methods outlined 

in Chapter 3.  The specific surface area of the glass microspheres was found to be  

169 cm2·g-1.  Phosphate buffered saline (PBS), simulated body fluid (SBF), and TBS 

were prepared according to the instructions provided in Appendix 1.  Solutions 

containing 50 µg·mL-1 HSA were prepared from each buffer and frozen for future use.  

Denaturing, non-reducing Laemmli sample buffer (LSB) was prepared using the 

composition listed in Appendix 1. 

 A rudimentary assessment of glass durability was obtained by measuring the pH 

of the buffer solutions after exposure to the Pyrex microspheres for 30 and 60 min at 

37°C.  The pH values of the supernatant at 25°C was measured using a saturated calomel 

electrode (Beckman, FUTURA Semi Micro Electrode).  All tests were conducted in 

triplicate 

 Protein adsorption experiments were conducted in an identical manner to the 

protocol used for testing the HSA adsorption capacity of soda lime silicate and sodium 

aluminosilicate glass microspheres (cf. Chapter 5).  Briefly, the glass microspheres were 

incubated in TBS, SBF, and PBS solutions, all nominally containing 50 µg·mL-1 HSA, 

for 1 h at 37°C.  The microspheres were then rinsed four times with the corresponding 

neat buffer.  Centrifuge filtration was used to separate the protein-coated glass 

microspheres from the supernatant solution.  Finally, bound HSA was eluted from the 

glass microspheres by boiling in LSB for 5 min.  All tests were conducted in triplicate. 

 SDS-PAGE was conducted using 20 µL of sample in 10 well, 12% tris-glycine 

polyacrylamide gels.  Four standards (0.03, 0.06, 1.0, and 1.5 µg·mL-1 HSA) were used to 

internally calibrate each gel.  Electrophoresis was conducted at a constant 100 V for 2 h.  

Visualization of the HSA bands was achieved using a silver staining kit (Ivitrogen, 

SilverXpress Staining Kit)  according to the manufacturer’s protocol.  The Gel Plotting 

Macro of NIH Image was used to quantitatively measure the protein content of the eluted 

protein samples. 
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RESULTS AND DISCUSSION 
 

 The results of the simple corrosion tests are shown in Table A2.1.  On the basis of  

pH measurements of the supernatant solutions, the Pyrex glass microspheres did not 

leach alkali ions to a significant extent after 1 h of exposure to  TBS, PBS, or SBF at 

37°C. 

 Digitally scanned images of the stained gels containing the internal calibration 

standards and eluate samples from the TBS, PBS, and SBF buffers are shown in Figures 

A2.1 (a) and (b).  The internal calibration standards were used to quantitatively determine 

the HSA content of the eluate samples, the results of which are given in Table A2.2 and 

Figure A2.2.  The amount of HSA that adsorbed to the Pyrex glass microspheres from the 

PBS and TBS buffers was equivalent within the error of the  measurement.  However, 

HSA adsorption from SBF was significantly higher than TBS or PBS solutions. 

 In general, protein adsorption is thought to decrease with increasing ionic 

strength.  It is interesting to note that, in this case, the extent of HSA adsorption was 

actually the greatest from SBF – the solution with the highest ionic strength.  

Experiments dealing with the effects of ionic strength on protein adsorption typically deal 

with 1:1 electrolytes.  SBF contains substantial of divalent cations (i.e., Ca2+ and Mg2+), 

however.  These divalent cations could potentially act as electrostatic bridges between 

negatively charged sites on the surface of the glass and protein, thereby enhancing 

adsorption. 

 

CONCLUSIONS 
 

The type of buffer that is employed in conducting protein adsorption studies can 

have a significant influence on the amount of protein that adsorbs to a solid surface.  It is 

therefore critically important to consider the type of buffer employed as well as the 

possible influence it may exert on the results of any protein adsorption experiment. 
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Table A2.1.  The pH Values of Buffers Reacted with Pyrex Microspheres 

 

 pH at 25°C 

Buffer 0 min 30 min 60 min 

TBS 7.58±0.01 7.58±0.01 7.58±0.01 

PBS 7.43±0.01 7.43±0.01 7.44±0.01 

SBF 7.54±0.01 7.55±0.03 7.55±0.02 
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Figure A2.1.  SDS-PAGE results for HSA adsorbed onto Pyrex microspheres from (a) 

PBS and SBF and (b) TBS.  The first four lanes in (a) and (b) correspond to calibration 

standards containing 0.3, 0.6, 1.0, and 1.5 µg·mL-1 HSA. 
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Table A2.2.  HSA Adsorption onto Pyrex Microspheres from Various Buffers 

 

Buffer Solution Amount of HSA Adsorbed (mg·m-2) 

TBS 0.73 

PBS 0.65 

SBF 0.91 
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Figure A2.2.  HSA adsorption capacity of Pyrex microspheres in various buffer solutions. 
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